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INTRODUCTION 
In 1838, Anselme Payen suggested that the cell walls of a large number 
of plants were constructed of the same substances, to which he named 
cellulose (Nevell and Zeroniun, 1985). Cellulose is the most abundant organic 
compound in the biosphere. Almost half of all the biomass synthesized by 
photosynthetic fixation of CO; is in the form of cellulose (Eriksson et al., 
1990). Cellulose is synthesized by all higher plants and a wide variety of 
other organisms, such as fungi, bacteria, invertebrates, and protists. It is the 
skeletal fi'amework of all higher plants. 
Recent interest in tillage and residue management practices focused on 
investigating various tillage systems and addition of animal manures, 
compost, sewage sludges, and various crop residues. Such land management 
practices may lead to significant changes in the composition, distribution, and 
activities of soil microbial community and enzymes (Dick, 1984; Doran, 1980; 
Magan and Lynch, 1986). Extensive work has been done in assessing the 
effect of tillage and residue management practices on soil C and nutrient 
cycling (Havlin et al., 1990; Tracy et al., 1990), and in studying soil microbial 
and biochemical changes associated with tillage and residue management 
practices (Beare et al., 1993; Broder and Wagner, 1988; Dick, 1984; Doran, 
1980). Limited work has also been done in evaluating the effect of different 
management practices on enzyme activities in soils (Dick, 1984; Dick et al.. 
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1988). Little information is available on the effect of tillage and residue 
management on activities of cellulase and some other enzymes involved in C, 
N, P, and S cycling in soils, and on the relationships among enzyme activities 
in soils under different tillage and residue management systems. 
Understanding the relationship between soil tillage and residue management 
practices and enzyme activities is important, because enzyme activities 
potentially may be used as indexes of soil fertility, productivity, and soil tilth 
and quality. 
Such land treatments may also lead to a large input of crop residues 
into soils, therefore, a large input of cellulose, because up to 15% of the 
organic C in crop residues can be cellulose and cellulose derivatives 
(Stevenson, 1982). Understanding the process of cellulose decomposition and 
identifying the factors involved in this process in soils would be an important 
building block in understanding the microbiological and biochemical changes 
associated with tillage and residue management practices. Degradation of 
cellulose in soils is not well understood because of the heterogeneity of the soil 
system, complexity of cellulose forms and their association with other 
substances, and the multiplicity of the cellulase systems involved in the 
degradation process. 
Cellulose is a high-molecular weight, linear polymer composed of D-
glucose residues joined by fl-l,4-glucosidic bonds. Hydrolysis of these bonds 
yields mainly glucose as well as cellobiose that consists of two glucose 
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residues. Degradation of cellulose, therefore, provides readily available 
carbon for the growth of microorganisms. 
A "cellulase system" is the cell-free cellulase that can degrade 
crystalline cellulose. It is also called a "true cellulase" or a "cellulase 
complex". A cellulase enzyme system consist of a number of different 
enzymes. The early literature on cellulolytic enzymes gave conflicting reports 
concerning the composition of the cellulase system and the multiplicity and 
mechanism of action of the cellulolytic enzymes. Some cellulolytic 
microorganisms can degrade cellulosic materials only after some kind of 
modification of the cellulose has occurred. Other organisms also degrade 
cellulose in native forms, such as cotton fibers. Only the latter organisms 
have been considered to be truly cellulolytic (Eriksson and Wood, 1985). 
As currently understood, the cellulase complex consists of three major 
types of different enzymes, which by acting sequentially and effectively 
rendering cellulose soluble. These are endo-l,4-J3-glucanases (EC 3.2.1.4), exo-
l,4-J3-glucanases (EC 3.2.1.91) and J3-D-glucosidases (EC 3.2.1.21). Endo-1,4-
13-glucanase attacks cellulose chain at random; exo-l,2-J3-glucanase removes 
glucose or ceUobiose from the non-reducing end of the chain; and 13-D-
glucosidase hydrolyzes cellobiose and other water-soluble cellodextrins to 
glucose. Some cellulase systems also contain a glucohydrolase (1,4-fî-D-glucan 
glucohydrolases, EC 3.2.1.74). The systematic nomenclature has now been 
used to replace the previous nomenclature described the enzyme system as a 
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nonhydrolytic chain-disaggregating enzyme (Cj) and hydrolytic enzymes (C^). 
It is, however, still unknown that how the components arise, how they 
interact and what factors control the interactions that result in the 
solubilization of native cellulose. These uncertainties have resulted in 
continuing speculation and debate regarding the mechanism of cellulase 
action, and have raised questions regarding the purity and substrate 
specificity of the enzymes. 
Several hypotheses have been proposed about the mechanisms involved 
in degradation of cellulose by cellulase (Reese, 1975; Reese et al., 1950; White, 
1982; Wood, 1991), but none of them have been fully accepted. An accurate 
and precise method for assay of cellulase in soils is needed in order to perform 
further research in this area. Assay of cellulase activity can be performed by 
determining the end products; reducing sugars. The methods commonly used 
for assay of cellulase activity in extracts of biological systems have been 
discussed by Ghose (1987) and Wood and Bhat (1988). Some of these methods 
have been adapted for assay of cellulase activity in soils. The assay method 
used by Pancholy and Rice (1973) involves determination, by the Somogyi-
Nelson method, of reducing sugars produced when a soil sample is incubated 
with carboxymethyl cellulose (CMC) in acetate buffer (pH 5.9) at 30°C for 24 
h, using an autoclaved soil sample as a control. Hayano (1986) modified the 
method of Pancholy and Rice (1973) and assayed cellulase activity by 
incubating soil samples with acetate buffer (pH 5.0) at 30°C for 20 h. Work 
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by Woods and Mellon (1941) showed that trace amount of metals interferes 
with determination of reducing sugars with the Somogyi-Nelson method 
(molybdenum blue color development). The method used by Schinner and von 
Mersi (1990) involves determination of the reducing sugars produced when a 
soil sample is incubated with CMC in an acetate buffer (pH 5.5) at 50''C for 24 
h. The Prussian blue method that they used for determination of reducing 
sugars, however, is subject to significant error because it is too sensitive and 
required a 20 to 30-fold dilution in their study. 
Therefore, the objectives of this study were: (1) to evaluate the methods 
available for determination of reducing sugars in soils, (2) to develop a 
method for assay of cellulase activity in soils, (3) to assess the factors 
affecting cellulase activity in soils, and (4) to evaluate the effects of soil tillage 
and residue management practices, including three tillage systems and four 
residue placements, on activities of 14 enzymes. These enzymes are involved 
in C, N, P, and S cycling in soils. For convenience, the results obtained are 
presented in four parts. The results obtained under objective (1) are 
presented in Part I, those under objective (2) are presented in Part II, those 
under objective (3) are presented in Part III, and those under objective (4) are 
presented in Part IV. 
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LITERATURE REVIEW 
Soil tillage and residue management practices are generating increasing 
interest. Recent interest in improving soil tillage and residue management 
has been focused on low input, sustainable agriculture. The tillage and 
residue management practices may include various tillage systems and 
addition of animal manures, compost, sewage sludges, and various crop 
residues through crop rotation. The different soil disturbance and residue 
placement lead to significant changes in soil physical and chemical properties, 
such as pH and organic C content (Allison, 1973; Campbell, 1978; Havlin et 
al., 1990). Such land management practices may lead to significant changes in 
the composition, distribution, and activities of soil microbial community and 
enzymes (Dick, 1984; Doran, 1980; Magan and Lynch, 1986). As a 
consequence, land treatments affect nutrients cycling, fertility, C cycling, and 
other chemical, microbiological, and biochemical processes in soils. 
Incorporation of crop residues into soil is a common practice in 
agriculture. For example, about 50% of corn total biomass is incorporated into 
soils in Iowa, which is about 5 tons of corn residue per acre each year. Plant 
residues, in general, contain 15 to 60% cellulose, 10 to 30% hemicellulose, 5 to 
30% lignin, and 2 to 15% protein (Paul and Clark, 1989). Com residue 
contains about 40% organic C. Up to 15% of the organic C in com residue can 
be cellulose and cellulose derivatives (Stevenson, 1982). Thus, cellulose in 
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soils is derived mainly from plant residues incorporated into the soil. 
Cellulose is the most abundant form of organic C on earth. Degradation 
of cellulose releases glucose as the end product (Coughlan, 1991; Eriksson, 
1978; Reese et al., 1950). In soils, glucose may be used as ener^ source of 
microbial growth, and as a consequence, degradation of cellulose is involved in 
recycling nutrients, maintaining soil fertility, and preserving the C cycle in 
nature. In industry, glucose may be converted to valuable chemical ethanol 
(Avgerinos and Wang, 1980; Saddler, 1986). 
Successful exploitation of cellulose as a source of food and fuel cannot be 
achieved without a great understanding of the enzyme systems involved and 
the mechanisms of action of the relevant components individually and jointly. 
Cellulase, an enzyme system that catalyzes the degradation of cellulose, plays 
a destructive role in plant pathogenesis and in cell-wall loosening in higher 
plants to allow cell elongation and growth (Maclachlan and Carrington, 1991). 
It is also involved in wood decay and converting waste cellulose into glucose, 
which may then be converted into the ethanol. Extensive work has been done 
in understanding the biodégradation of cellulose and mechanisms of the 
enzyme system involved because of its biological and economical significance 
(Coughlan, 1992; Weimer, 1991; Wood, 1989). It is essential therefore to 
understand the structure and forms of cellulose in nature. 
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Structure and Forms of Cellulose 
Cellulose is an unbranched polymer of glucose residues joined by 13-1,4 
linkages as shown in Figure 1 and has a characteristic x-ray diagram. The 13-
configuration allows cellulose to form very long straight chains. Each glucose 
residue is related to the next by a rotation of 180 degrees, and the ring oxygen 
atom of one is hydrogen bonded to the 3-OH group of the next. X-ray 
diflraction and infrared spectral data indicated that anhydrocellobiose, 
C12H20O10, is the basic recurring unit (T0nnesen and Ellefsen, 1971). Fibrils 
are formed by parallel chains. Sixty to seventy adjacent chains, having the 
same polarity, associate with one another through interchain hydrogen 
bonding and van der Waals interactions to form highly ordered crystalline 
microfibrils (Blackwell, 1982; Rees et al., 1982). Degree of polymerization (DP) 
values of these long chains in higher plants appear to generally range between 
7000 to 14,000 or more for secondary walls, but they may be as low as 500 for 
primary walls. 
There are four crystalline forms of cellulose, which are designated as I 
to IV. They differ in their x-ray and/or electron diffraction patterns (Fan et 
al., 1980; Nevell and Zeronian, 1985). The most common forms are cellulose I 
and II. Type I cellulose is a composite of two crystalline forms, I„ and Ig, 
which have same conformation, but different crystalline lattices due to 
different intermolecular hydrogen bonding patterns (Coughlan, 1992). 
Cellulose molecules have two stable ordered conformations, k, and k,,. These 
CH,OH OH CH.OH 
0 . .  . H — 0  
HO HO \ 
Cellulose 
(/3-1,4-linkages) 
Figure 1. Structure of cellulose 
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two conformations differ in secondary levels of organization. The properties of 
cellulose is summarized in Figure 2. Type a cellulose is less stable or 
resistant to chemical hydrolysis. The content of I„ and Iq forms in native 
cellulose is related to the organization of the assembly of the elementary fibrils 
during biosynthesis of cellulose (Coughlan, 1992). Form Ig is found mainly in 
organisms that posses arrays of rosettes as the primary sites of cellulose 
synthesis. The cellulose of higher plants and algae are classified in this group. 
Type I„ of cellulose is the predominant form that is synthesized by more 
primitive organisms such as brown algae Laminaria iaponica. The existence of 
the complex cellulose types and forms explains the reason why organisms 
engaged in cellulose hydrolysis need to synthesize and secrete multiple forms 
of endo- and exo-enzymes. 
In addition, cellulose can exist in the free state as in the seed hairs of 
cotton, or in a union with other organic compounds as in wood where it exists 
combined with lignin. Seed hairs of cotton contain the highest percentage of 
cellulose; it contains 99.8% cellulose, which is termed "true cellulose" (Nord 
and Vitucci, 1948). More commonly, in wood, plant stalks, leaves, cellulose is 
present with other substances such as lignin and hemicellulose. For instance, 
wood contains, on a dry basis, firom 40 to 55% cellulose, 15 to 35% lignin, and 
25 to 40% hemicellulose (Neveil and Zeronian, 1985). 
Lignin is a complex hydrocarbon polymer and its structure is based on 
the phenyl propanoid unit. This unit consists of an aromatic ring and a three-
11 
kl 
Type I 
Secondary structure 
(type of intra hydrogen bonding 
predominant in cellulose) 
Tertiary structure 
(different types of crystalline lattice) 
Tertiary structure 
Type Ig (different crystalline lattices because 
of different inter hydrogen bonding) 
Primitive 
organisms 
Life form in which 
it is predominant 
Linear terminal Form of cellulose 
complexes synthesis apparatus 
kii 
Type II 
Type Ifl 
Higher 
plants 
Rosettes 
Less stable 
Relative stability to 
acid hydrolysis More stable 
Figure 2. Summary of properties of cellulose (Coughlan, 1992) 
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carbon side chain. It is formed by polycondensation (chemical reaction) of 
phenolic compounds and free radicals. Thus, it does not show a specific order. 
In addition, it is very inert (Paul and Clark, 1989). 
Hemicelluloses are various polymers of hexoses, pentoses, and 
sometimes, uronic acids. In the pure state, hemicelluloses are easily 
decomposed. In nature, however, they are frequently complexed with other 
substances that may make the breakdown more difficult. 
Enzymatic degradability of cellulose is closely related to its structure, 
forms, and its association with lignin and hemiceUulose. As Eriksson (1981) 
and Schwald et al. (1988) indicated, the resistance of native cellulose to 
enzymatic hydrolysis is due, in part, to its intrinsic properties and to the fact 
that its association with lignin, the polysaccharides, hemiceUulose and pectin, 
hinder access by cellulolytic enzymes. In addition, hydrogen bonding holds the 
cellulose molecules together. As a result, these fibers are composed of 
crystalline or highly ordered regions and less ordered, amorphous regions. 
This results in differences in reactivity and adsorption of the substrate by the 
cellulolytic enzyme due to its accessibility, degree of polymerization, or 
variation in crystal structure. 
Biodégradation of Cellulose 
Cellulose in soils is derived mainly from photosynthesis of higher plants. 
Cellulose incorporated into soils in the form of plant residue or synthesized by 
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microorganisms in soils is eventually degraded. Metabolism of all the 
components is integrated and interdependent, involving enzyme systems 
consisting of several enzymes with different catalytic activities acting together 
(Coughlan, 1992; Eriksson, 1978). Enzymatic degradation of cellulose in 
Sporotrichum nulverulentum is shown in Figure 3. In this proposed 
mechanism, a minimum of seven enzymes are involved in the degradation. 
The end product is glucose, which can be further oxidized to gluconolactone, 
gluconic acid, and eventually to COg. Several pathways are involved in the 
degradation of cellulose. The process of cellulose degradation is very 
complicated and it is still not fully understood. It is known that metabolism of 
the polysaccharide components provides the energy and the hydrogen peroxide 
needed to degrade lignin (Kersten and Kirk, 1987). Thus, close relationship 
between degradation of cellulose and lignin is usually observed. 
Microorganisms in soils play a major role in degradation of cellulose. 
Cellulose degradation can be carried out by fungi or bacteria, including 
mesophilic or thermophilic anaerobic bacteria and mesophilic or thermophilic 
aerobic bacteria. The cellulase enzymes synthesized by fungi have a crucial 
role in recycling C and nutrients and maintaining soil fertility in nature. 
Degradation of cellulose releases glucose as the end product (Figure 1). Under 
aerobic conditions, glucose is oxidized to COj and returned to the atmosphere. 
Under anaerobic condition, degradation of glucose releases both methane (CH4) 
and CO2 into the atmosphere. Ljundahl and Eriksson (1985) stated that most 
I 
I 
cellulose 
/ 
oligo-
saccharides 
"20^ "2O2 
lignin 
\ ( 2 )  I  (P^Gnoxy radical] \ 
cellobiose-—-•-cellobionolactone^'"^ cellobionic acid 
glucose gluconolactone^.—^gluconic acid 
+ (O) 
Sporotrichurn pu/verulentum 
w l i l t e - r o t  f u n g u s  
Figure 3. Enzymatic cellulose degradation in Sporotrichurn pulverulentum proposed by 
Eriksson (1978). In the figure, 1, endo-l,4-B-glucanases; 2, exo-l,4-B-glucanases; 
3, 1,4-B-glucosidases; 4, glucose oxidase; 5, cellobiose oxidase; 6, cellobiose: quinone 
oxidoreductase; 7, catalase 
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of the cellulose (about 90%) is degraded to CO2 by aerobic microorganisms but 
only as much as 10% is converted by anaerobic microorganisms to CH4 and 
COg. The conversions can be expressed as follows: 
CgHiaOg + 6O2 -+ 6CO2 + 6H2O for aerobic condition, and 
CgHigOg -¥ 3CH4 + 3CO2 for anaerobic condition. 
Microorganisms involved in biodégradation of cellulose 
Microorganisms that degrade cellulose are both abundant and 
ubiquitous in nature. They include fungi, bacteria, and actinomycetes and 
they may be aerobes or anaerobes, and mesophiles or thermophiles. Many of 
these can also grow under extreme conditions of temperature and pH, 
indicating that cellulolytic microorganisms are present in most habitats. 
Ljundahl and Eriksson (1985) listed 57 fungi and 46 bacteria species as being 
cellulolytic. More recently, Coughlan and Mayer (1990) listed 97 bacteria 
species as being cellulolytic. Only few of these microorganisms have been used 
in studies of cellulolytic enzymes. Although many fungi can grow on cellulose 
or produce enzymes that degrade amorphous cellulose, relatively few produce 
the "complete" extracellular cellulase systems that degrade crystalline 
cellulose extensively in vitro (Mandels, 1975). 
Mesophilic anaerobic bacteria play an important role in the digestion of 
cellulosic biomass in the rumen, sewage sludge, soil, and other anaerobic 
habitats containing cellulose. Extensive work has been done on the rumen 
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cellxilolytic anaerobes. Relatively little research has been done on the 
understanding the relationship of mesophilic anaerobes and cellulose 
degradation in sewage sludge, soil, and other habitats. This group of 
microorganisms includes some spore-forming, anaerobes belong to the genus 
Clostridium, and have been isolated from sewage sludge, woody biomass, river 
sediment containing paper mill waste and decaying grasses (Khan and Patel, 
1991). 
The origin and development of anaerobic thermophilic bacteria are still 
unknown. This group of microorganisms has been identified in a wide variety 
of ecologiced niches including autothermal environments, solar heated systems 
as well as geothermal habitats (Lamed and Bayer, 1991). They have been 
isolated firom manure, compost, hay, straw, anaerobic digesters, decaying 
debris, and hot springs (Lamed and Bayer, 1991). Specific representatives of 
this group of bacteria are genus, Clostridium, including Clostridium 
thermocellum and Ç. stercorarium. All of them are spore-forming 
microorganisms. A cellulolytic, anaerobic, extremely thermophilic (75°C 
optimum), non-spore-forming microorganism was isolated from hot spring in 
Japan and thermal pool sites in New Zealand (Sissons et al., 1987; Taya et al., 
1985). 
Mesophilic aerobic bacteria that are involved in cellulose degradation 
are many. Those that have been studied widely include Bacillus. 
Cellulomonas. Cellvibrio. Cvtophaga. Erwinia. Micromonospora. Pseudomonas. 
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Sporocvtophaga. and Streptomvces. The metabolism of these microorganisms 
vary widely. For example, members of the genus Sporocvtophaga can grow 
only on mannose, glucose, cellobiose, and/or cellulose, whereas some species of 
the genus Pseudomonas are able to grow on about 80 different substrates 
(Schimz, 1991). The different properties of these genera may influence their 
cellulolytic capabilities and further complicate research on degradation of 
cellulose. 
Thermophilic aerobic bacteria are also involved in biodégradation of 
cellulose. This group of microorganisms is important in biotechnological 
application for cellulase production and biomass conversion (Stutzenberger, 
1991). 
Aerobic fungi are the most important group of microorganism in terms 
of biodégradation of cellulose. Extensive work has been done about cellulase 
biosynthesis and activity of mesophilic fungi. Most of the work has been with 
Trichoderma reesei (Fagerstam and Petterson, 1980; Henrissat, 1985; Reese 
and Mandels, 1984). 
The microorganisms involved in cellulose degradation in nature do not 
operate alone. Other microorganisms including non-cellulolytic species are 
usually involved. The rate and extent of cellulose degradation is substantially 
greater in a multiculture than that would be in a monoculture system 
(Coughlan, 1990). 
18 
Cellulolvtic Enzymes 
In 1950, Reese et al. observed the miiltienzyme nature of cellulases 
while studying species of fungus Trichoderma. Their work led to the discovery 
of endo- and exoglucanases. Later, many other enzymes have been found to be 
involved in cellulase degradation. It is obvious now that the hydrolysis of 
crystalline cellulose is a very complicated process requiring multienzyme 
systems consisting of several enzymes with different catalytic activities acting 
together. As Ljundahl (1990) indicated, there is much to leam about 
cellulolytic enzyme systems. 
In addition to the cellulose systems, a variety of enzymes, including 
oxidative, phosphorolytic, and hydrolytic, are known to be involved in cellulose 
degradation (Table 1). Early literature gave a large variety of cellulolytic 
enzymes in the proposed composition of the cellulase systems. The cellulolytic 
enzymes were defined as hydrolytic enzymes (Eriksson, 1967). Each of the 
major cellulolytic enzymes produced by individual microorganisms may exist in 
multiple forms (Saddler, 1986). It is still unknown whether these forms are 
genetically determined with specific functions, or they are resulting firom 
proteolysis or glucosylation due to either fortuitous or intentional differences 
in the enzymes. It was found that oxidative enzymes were also involved in 
cellulose degradation (Eriksson and Wood, 1985). The hydrolytic enzymes are 
composed of endo-l,4-fi-glucanases, exo-l,4-B-glucanases, and 1,4-13-
glucosidases. The oxidative enzymes can be described as cellobiose 
Table 1. Enzymes involved in cellulose degradation" 
Class/EC 
number Recommended name Reaction 
Cellobiose + A quinone = Cellobiono-l,5-lactone + A phenol 
Cellobiose + Acceptor = Cellobiono-l,5-lactone + Reduced 
acceptor 
Cellobiose + Orthophosphate = a-D-Glucose-1 phosphate + 
D-Glucose 
2.4.1.49 Cellodextrin phosphorylase (l,4-8-D-glucosyl)n + orthophophate = (l,4-B-D-glucosyl)n.i + 
1.1.5.1 Cellobiose dehydrogenase 
1.1.99.18 Cellobiose dehydrogenase 
2.4.1.20 Cellobiose phosphorylase 
3.1.1.17 Gluconolactonase actonase 
3.2.1.4 Endo-13-l,4-glucanase 
3.2.1.21 B-Glucosidase 
3.2.1.74 Exo-glucohydrolase 
3.2.1.91 Exo-B- 1,4-glucanase 
a-D-Glucose-l-phosphate 
D-Glucono-ô-lactose + HgO = D-Glucose 
Endohydrolysis of l,4-fi-glucosidic linkages in cellulose, 
lichenin and cereal B-D-glucans 
Hydrolysis of terminal non-reducing B-D-glucose residues 
with release of B-D-glucose 
Hydrolysis of 1,4-linkages in 1,4-B-D-glucans so as to 
remove successive glucose units 
Endohydrolysis of 1,3-fi-D-galactosidic linkages in 
arabinogalactans 
° Enzyme nomenclature. 1984. Recommendations of the nomenclature committee of the International 
Union of Biochemistry. Academic press. New York. 
20 
dehydrogenases (Westermark and Eriksson, 1974). Phosphorolytic enzymes 
are sometimes also involved in degradation of cellulose by some aerobic and 
anaerobic bacteria (Ljundahl and Eriksson, 1985). The hydrolytic enzymes 
are, however, considered as the major type of cellulolytic enzymes. It is now 
generally accepted that endo-13-l,4-glucanase (EC 3.2.1.4), exo-J3-l,4-glucanase 
(EC 3.2.1.91), and B-glucosidase (EC 3.2.1.21) are the three major types of 
enzymes in the cellulase system. 
Cellulosomes may also play an important role in degradation of 
cellulose. Cellulosome is a multicomponent cellulolytic complex produced by 
anaerobic organism, such as Clostridium thermocellum. Aggregates of these 
cellulosome is called polycellulosome. In the early stages of microbial 
cultivation, polycellulosome is located on the cell surface and mediates 
attachment of the cell to cellulose (Mayer et al., 1987). 
The visual patterns of the process of cellulose degradation has been 
established by utilizing high-resolution electron-microscopic techniques (White, 
1982). The process of degradation of cellulose was observed under high-
resolution electron-microscopy by incubating cellulose ribbons with the 
complete cellulase enzyme system, purified and reconstituted cellulase 
components, or incubation sequentially with purified cellulase component. 
Cellulose ribbons were found to be split along its long axis into bundles of 
microfibrils that are subsequently thinned until they are completely dissolved. 
Purified cellobiohydrolase I (exo-glucanase) produced no visible change in 
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cellulose structure. Although purified endoglucanase produced visible changes 
in ribbon structure, the degradation action of this enzyme when alone was 
slow compared with the synergistic degradation that occurs when both 
endoglucanase and cellobiohydrolase are simultaneously present in the 
reaction mixture. Simultaneous presence of both endoglucanase and 
cellobiohydrolase is necessary for synergistic action in degradation of cellulose. 
It appears that endoglucanase nicks continuous surface chains, whereas 
cellobiohydrolase removes those surface chains and exposes new, unbroken 
chains. 
Relationships among these enzymes are complicated and the mode of 
action of the cellulase system has yet to be fully understood. Many of these 
enzymes are not as strict in their activities as their names indicate. 
Biological Distribution, States, and Sources of Cellulase in Soils 
The origin, location, and persistence of soil enzymes are still unclear 
(Tabatabai, 1982). Some enzymes are constitutive and are routinely produced 
by mirobial cells. Others are adaptive or induced by a susceptible substrate or 
some other initiates, such as change in pH. Sources of enzymes in soils are 
numerous and variable. They may be excreted fi-om living cells or released 
from dead cells, continue functioning within a cell after its death, or originate 
from plant and animal cells or crop residues added to soils. These enzymes 
may be associated with microbial cells or immobilized on the soil clays and 
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humic colloids. 
There is little information on the origin and localization of the cellulase 
complex in soils in situ. Results reported by Hayano (1986) indicated that 
fungi were the major source of cellulase in soils. These results were consistent 
with those obtained by Rhee et al. (1987), who demonstrated that the ratio of 
carboxymethyl cellulase (CMCase) activity of bacterial origin to that of fungal 
origin to be 1 to 6. These results indicated that fungi are the predominant 
contributors of soil cellulase. 
Cellulases involved in degradation of cellulose can be extracellular or 
cell wall-bound. Several fungi provide extracellular cellulases, while bacteria 
cellulases are mostly cell wall-bound, with a few exceptions (Wood and 
McCrae, 1979; Lamed et al., 1985). Electron microscopic and other studies 
demonstrated that the anaerobic bacteria and some aerobic bacteria all appear 
to have cell surface multicomponent cellulosomes that mediate attachment to 
the substrate (Coughlan and Ljundahl, 1988; Lamed et al., 1987). 
Cellulosome-like protuberances are present on the surface of 
Thermomonospora curvata under some growth conditions (Mayer et al., 1987). 
Evidence also suggests that cellulase complexes produced by the anaerobic 
fungus Neocallinastix frontalis may also be cell-bound under some cultivation 
conditions (Wood et al., 1988; Wood, 1989). It may be concluded that 
cellulases from anaerobic fungi and aerobic filamentous bacteria are cell 
surface-bound (Coughlan, 1991); whereas the cellulolytic systems of aerobic 
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fungi and some aerobic bacteria such as Microbispora bispora exist as free 
entities in the culture medium (Yablonsky et al., 1988). The situation can be 
similar, but stabilized in a three dimentional net work of clay-humus 
complexes, under soil conditions. However, no information is available at 
present about the status of cellulase in soils. 
Mechanisms of Cellulase Activity 
The enzymatic hydrolysis of cellulose by cellulase is rather complex 
because the heterogeneity and component multiplicity of the enzyme system 
and the dual nature of the insoluble substrate, crystalline and amorphous. In 
addition, the structure of the substrate changes during the process, and the 
different enzyme components act in a synergistic way. 
Hypotheses 
Reese et al. (1950) introduced "Cj, C^" hypothesis (Figure 4). It was 
postulated that "truly cellulolytic microorganisms" are equipped with both Cj 
and Cx enzymes, while microorganisms able to hydrolyze only modified 
cellulose lack the Cj enzyme. The C^-component was suggested to be a 
nonhydrolytic chain-separating enzyme. The separation of cellulose chains 
was suggested to take place by a splitting of the hydrogen bonds. The C%-
component was suggested to be a hydrolytic enzyme which hydrolyzes the 
modified (chain separated) cellulose to cellobiose, then J3-l,4-glucosidase 
hydrolyzes cellobiose to glucose. More recently, Wood et al. (1989) found that. 
Original hypothesis 
glucose 
Crystalline Reactive cellobiose 
cellulose ^ cellulose cellooligosaccharides 
Modified hypothesis 
endoglucanase ^ 
^ oligomer 
Crystalline C^ Reactive cellobiohydrolase 
cellulose cellulose >- cellobiose 
glucohydrolase 
^ glucose 
Figure 4. Hypotheses for the mechanism of cellulose action involving a component by Reese 
et al. (1950) and Reese (1975) 
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after further purification of homogenized cellobiohydrolase (CBH) I and II from 
Pénicillium pinophilum. they no longer possed the ability to hydrolyze 
crystalline substrate whether acting alone or together. In fact, extensive 
hydrolysis of substrate was seen only when both enzymes and ëndoglucanases 
were present in the saccharification mixture. As Wood et al. (1989) indicated, 
if CBH preparations from other species were contaminated by traces of 
endoglucanase, many of the contradictory reports in the literature could be 
resolved. 
As discussed before, a cellulase system is very complicated due to 
complexity of cellulose forms and sources. There is certain confusion on 
specificity of the different enzyme component in the cellulase system. For 
example, most "pure" CBHs are reported to also release small quantities of 
glucose along with the cellobiose (Wood, 1991). Carboxymethyl cellulose is 
reported not to be a substrate for cellobiohydrolase (Wood and McCrae, 1979). 
This property used to be employed in distinguishing these enzymes firom 
endoglucanases. Classification of an enzyme as exo- or endo- should not be 
made on the basis of results obtained using only one substrate, because there 
is considerable overlap in substrate specificity among endo-glucanases, exo-
glucanases, and J3-glucosidases. J3-Glucosidase hydrolyzes cellobiose to glucose. 
The proposed scheme is shown in Figure 4. 
This "Ci, C," concept, which dominated the thinking and guided the 
experimental approach for many years, was abandoned by most workers with 
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the isolation of a CBH, which has some of the properties of the hypothetical 
Cj-component. Eriksson (1969) and co-workers suggested that the Cj enzyme 
was an endwise-acting enzyme that splits off cellobiose units from the 
cellulose. Reese (1975), however, was not convinced that the CBH was the C^ 
factor, and he modified his hypothesis to suggest that Cj might be a randomly 
acting endoglucanase capable of cleaving a few covalent links but having no 
detectable hydrolytic activity. In this new hypothesis, CBH was demoted to 
the role of hydrolyzing the partially degraded cellulose along with the 
endoglucanase (Figure 4). 
Many other hypotheses were proposed to explain the enzymatic 
hydrolysis of cellulose (Ryu and Mandels, 1980; White, 1982; Wood, 1975 & 
1991). These hypotheses share some conmion scheme. Saddler (1986) 
summarized the synergistic enzyme hydrolysis of cellulose into a scheme as 
shown in Figure 5. Cellulose is insoluble if its degree of polymerization (DP) 
is larger than six glucose units. Endocellulase attacks cellulose chains at 
random, whereas exocellulase removes cellobiose from the non-reducing end of 
the chain. Cellobiase (13-glucosidase) hydrolyzes cellobiose to glucose. To 
achieve complete hydrolysis of the insoluble cellulose substrate, the different 
enzyme components of the cellulase complex must be present in the proper 
concentration under the optimal condition. 
Until relatively recently it has been accepted that hydrolysis of cellulose 
by fungal enzyme systems resulted from the synergistic interaction of endo-
ENZYMATIC HYDROLYSIS OF CELLULOSE 
Endocellulasc -— 
CH™ OOO^^O^^XyOrO-#-
(DP>6) _ I .. . 
SOLUBLE 
CELLULOSE 
(DPS6) 
MOSTLY 
CELLOBIOSE 
(DP=2) 
GLUCOSE 
(DP=1) 
Ex'occllulase 
,Exocellulase 
OOtOO  ^
Endocellulase -
Cellobiase 
Celloblase 
O 0-# o 0% 
0 0 0 0 0 0 0  
Endproduct 
Inhibition 
bo <i 
' =Nonieduclng end 
Figure 5. The synergistic enzymatic hydrolysis of cellulose 
and exo-acting cellulases yielding cellobiose that was then cleaved to glucose 
by 13-glucosidase. Neither endo-cellulase nor exo-cellobiohydrolase acting alone 
could affect extensive hydrolysis of crystalline cellulose (Coughlan, 1991). 
Studies by Fagerstam and Pettersson (1980) and Wood (1985) showed that 
purified CBH I and CBH II firom Trichoderma reesi and Pénicillium 
pinophilum cooperated to affect the hydrolysis of cotton and solubilization of 
Avicel. It was concluded that cooperativity would be observed if the sequential 
removal of cellobiose firom one type of non-reducing chain end by CBH I 
exposed on a neighbouring chain, a non-reducing end of the other type upon 
which CBH II would act and vice versa. This is also called exo-exo synergism. 
Different explanation was given by Henrissat et al. (1985), who suggested that 
the adsorption between CBH I and II might enhance the turnover of both 
enzymes but did not exclude the possibility of binary enzyme complex 
formation at the cellulose surface. 
In contrast, other studies indicated that neither CBH I nor CBH II is 
truly exo- or endo-like in all its characteristics. CBH I is more exo-like and 
CBH II is more endo-like (Nummi et al., 1983; Enari and Niku-Pnavola, 1987). 
These results suggested that degradation of crystalline cellulose was 
accomplished by the synergistic collaboration between CBH I and II and that 
endoglucanases (EG) I and II participated in the process only when soluble 
cellodextrins became available. 
Coughlan (1991) reviewed the literature on this topic and concluded that 
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extensive degi adation of crystalline substrate occurred only when CBH I, CBH 
II, and a specific endo-glucanase were present. The optimum CBH I:CBH II 
ratio was 1:1 and only a trace of endo-glucanase was needed for effective 
substrate degradation. Some bacteria, such as Microbispora bispora. operate a 
similar mechanism involving the synergistic interaction of endo- and exo-
acting enzymes (Yablonsky et al., 1988). 
Recent studies by Sclimid and Wandrey (1990) suggested that exo-
cellobiohydrolase (EC 3.2.1.91) does not exclusively split off cellobiose units 
from the oligomers. They concluded that a cellobiohydrolase analogous to J3-
amylase (EC 3.2.1.2, hydrolyzes a-l,4-glucan links in polysaccharides so as to 
remove maltase firom the non-reducing ends of the chains) does not exist, at 
least in the cellulase system of Trichoderma reesei. They suggested that the 
term CBH or cellobiohydrolase should not be used any longer in the literature. 
Kinetic models 
The enzymatic hydrolysis of insoluble cellulose is mainly affected by 
three factors: (1) the property and mode of action of cellulase, (2) the 
structural properties of cellulose, and (3) the mode of interaction between the 
enzymes and the cellulose molecules (Focher and Marzetti, 1990). There are a 
number of kinetic models proposed to describe the mechanism of enzyme 
hydrolysis of cellulose. Early kinetic models were simplified because the 
enzyme solutions were firom the QM 9123 strain of T reesei. This organism 
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produces an enzyme deficient in B-glucosidase activity; hence, the predominant 
product for the early stage was cellobiose. A Michaelis-Menten kinetic model 
was generally used in early studies by most investigators. This model may be 
applicable at low substrate concentrations. As higher substrate concentrations 
are attained, an adsorption process must be included. McLaren and Packer 
(1970) commented on such situation in a review article on enzyme kinetics in 
heterogeneous systems. Two major representative models that describe the 
cellulase action are as follows: 
(1) A model proposed by Fan and Lee (1983). A representation of this 
model is shown in Figure 6. 
Several assumptions are made in deriving this model. The major 
assumptions are: 
a. The insoluble cellulose is hydrolyzed first to soluble cellobiose by the 
synergistic action of endo-J3-l,4-glucanase and exo-i3-l,4-glucanase, and 
the cellobiose is further hydrolyzed to glucose by the action of 13-
glucosidase. 
b. The biocompositional nature of cellulose is ignored because the 
crystalline and amorphous cellulose are tightly interwoven so that they 
can not be easily distinguished as two separate regions. 
c. The hydrolysis of cellulose to cellobiose is controlled by the extent of 
soluble protein (enzyme) adsorption and occurs at the surface of the 
cellulose by the adsorbed enzyme. The soluble products, cellobiose and 
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Surface of Macropore 
Micropore 
Figure 6. Representation of the mechanism of enzyme hydrolysis of 
cellulose proposed by Fan and Lee (1983). E = cellulose, (S) = 
insoluble cellulose, Eg = 13-glucosidase, ESE = effective portion 
of adsorbed enzyme, ESP = dead-end complexed, o = glucose, 
oo= soluble cellulose 
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glucose, inhibit the reaction. 
d. The dual nature of cellulose was ignored, but the inactivation of 
adsorbed enzyme by the product, and the conversion of cellulose into a 
less digestible form were considered. 
e. The average bulk concentration of cellulose can be used to represent the 
effective cellulose concentration. 
The reaction schemes based on the proposed model are as follows: 
Heterogeneous and solid phase reaction: 
(E) + (8)^(E8) 
(ES) + (P2)^(ESP2) 
(ES) + (Pi)-^(ESPi) 
(ESE) _ (E) + (Pi) 
(S) (S)' 
Homogeneous reactions: 
(E3) + (Pi)^(E3PI)-.(E) + (P2) 
(E3) + (P2)^(E3P2), 
where E = ceUulase, 
S = cellulose, 
Pj = cellobiose, 
Pg = glucose, 
ESP = dead-end complexes, 
ESE = effective portion of adsorbed cellulose, 
(1) 
(2) 
(3) 
(4) 
(5) 
(6) 
(7) 
33 
Eg = fi-glucosidase, and 
S' = less digestible form of cellulose. 
Equation (1) indicates adsorption of enzyme leading to the E-S complex 
formation. Equation (2) and (3) show inactivation of the E-S complex by 
noncompetitive product inhibition. Hydrolysis of cellulose to cellobiose is 
described by equation (4) and transformation of cellulose to a less digestible 
form is described by equation (5). Equation (6) indicates hydrolysis of 
cellobiose to glucose, and equation (7) suggests product inhibition of glucose on 
13-glucosidase. Similar model was also proposed by Ryu et al. (1982), Asenjo 
(1983), and Wald et al. (1984). These proposed models were based on similar 
assumptions, but discriminated between amorphous and crystalline cellulose. 
(2) A kinetic model proposed by Ryu et al. (1982), which differentiated 
between amorphous and crystalline cellulose. 
The basic assumptions made in deriving this model are similar to those 
made in the previous model (Fan and Lee, 1983). The enzymatic reactions 
contain two rate-limiting steps. The first step refers to the solubilization and 
depolymerization of the insoluble cellulose into cellobiose. The hydrolysis of 
cellobiose into glucose was taken as the second step. The cellulase enzymes 
are inhibited by both cellobiose and glucose in the first step, while cellobiose 
hydrolysis is inhibited by glucose alone in the second step. In addition, the 
model considers the cellulosic materials to be composed of two phases, an 
impermeable, denser, and highly ordered crystalline phase and a permeable. 
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less dense, and disordered amorphous phase. The reactions considered are as 
follows: 
(8) 
E' + 8,^E'8._E' + Cb (9) 
E' + 8.^E%_*E' + Cb (10) 
E* + S,^EX (11) 
E + P-h-EP, (12) 
where E and E* = enzyme in the free state and adsorbed on the surface of 
cellulose, respectively. 
Sa = amorphous cellulose, 
Se = crystalline cellulose, 
Sx = nonhydrolyzable inert materials, such as lignin, associated with the 
cellulosic materials, 
Cy = the total cellobiose formed, 
E*Sa and E*Sc = enzyme and substrate complexes which irreversibly 
proceed to yield cellobiose and free enzymes, 
E*Sx = complex of enzyme and inert materials associated with the 
cellulosic materials, can not produce the product, 
P = the product, and 
EP = enzyme and product complex. 
The difference between amorphous and crystalline cellulose was shown by 
equation (9) and (10). The adsorption step is described by equation (8). 
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Equation (11) shows that the inert materials associated with the cellulosic 
materials cannot produce the product. Products inhibition of the reaction is 
implied in equation (12). Presently, application of these models to the 
reactions involved in the cellulase activity in soils is not possible because of 
the complex nature of the cellulase system and because of the complex nature 
of the biochemical reactions in soils. 
Cellulase Activity in Soils 
Incorporation of plant residues into soils leads to a large input of 
cellulose to soils. Cellulose in soils is eventually degraded. The degradation of 
cellulose releases glucose and soluble cellodextrins, which are readily available 
C source for microbial growth. Thus, biodégradation of cellulose in soils is 
related to soil fertility and nutrient cycling. As early as 1920's, studies were 
conducted to investigate decomposition of cellulose in soils (Waksman and 
Heukelekian, 1924). Later, White and his colleagues (White, 1934, White et 
al., 1949) showed some effort in pursuing research in this area. They 
measured COj evolution in cellulose-amended soils. Results indicated that 
decomposition of cellulose was closely related to pH, N availability, and 
organic C content of soils. 
The role of cellulase in decomposition of cellulose in soils was well 
known, but research development in this area was slow because of difficulties 
encountered in cellulase assay. Assay of soil cellulase is even more complex 
because of the heterogeneity of the soil system and the multiplicity of the 
cellulase system. Attempts have been made in developing or adapting 
methods for assay of soil cellulase (Benefield, 1971; Hayano, 1986; Pancholy 
and Rice, 1973; Schinner and von Mersi, 1990). None of these methods has 
been thoroughly evaluated for the use in soil systems. 
Limited information is available on cellulase activity in soils. Studies 
by Pancholy and Rice (1973) showed no correlation between cellulase activity 
and soil organic C or pH. These results were not consistent with those 
reported earlier by White and his colleagues (1934, 1949). Other work by 
Spalding (1977) showed that cellulase activity, COg evolution, and cellulose 
decomposition were closely related. This inconsistency in findings could be the 
results of varied methods employed in determination of decomposition of 
cellulose. More recently, Hayano (1986) reported that soil cellulase activity 
was associated mostly with organic debris in soils and addition of cellulose 
induced cellulase activity in remoistened and heated soils. Other work showed 
that the optimal pH was at 5.0 for activity of soil cellulase extracted with 0.1 
M phosphate buffer (Schinner and von Mersi, 1990). Cellulase in soils was 
highly stable and its activity was highly correlated with the humus content of 
seven different soils (Schinner and von Mersi, 1990). Fungi were reported to 
be the major contributors of soil cellulase (Hayano, 1986). 
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Assay of Cellulase Activity in Soils 
Two general types of substrates are used to measure cellulose 
biodégradation, natural substrates and modified cellulosic substrates. The 
relatively unaltered natural substrates include pure crystalline cellulose, such 
as filter paper, and biomass, such as wood and agricultural residues. Modified 
substrates, such as substituted cellulose (hydrocellulose, hydroxyethyl 
cellulose, etc.) or dyed celluloses (dyed Avicel), are more rapidly or more easily 
degraded. Some of the commonly used substrates are listed in Table 2. 
Substrates for cellulase activity are poorly defined. Substrate used for 
assay of cellulase activity can be celluloses in which the chains are highly 
hydrogen bond-ordered (crystalline), in which the chains are partially 
degraded and partially hydrated (amorphous), or in which the chains are 
completely hydrated and water-soluble. These substrates vary in their 
composition and strongly affect the measured cellulase activity. Cellulase 
activity, therefore, can only be compared if the substrate used for the assay is 
exactly the same. The International Union of Pure and Applied Chemistry 
(lUPAC) (Wood and Bhat, 1988) attempt to standardize some assay methods 
by using the same substrates and conditions so that data in the literature 
would be comparable if the same method was used. 
Measurements of cellulose degradation can be done by enumerating 
cellulolytic microbial populations, using microbial culture to estimate weight 
loss, product formation during degradation, or assay of cellulolytic enzymes. 
Table 2. Methods of commonly used for measuring cellulase activities 
Enzyme Substrate 
Complete cellulase Cotton 
Cellobiohydrolase 
(exocellulase) 
Endo- l,4-B-glucanase 
(CM-cellulase, 
endocellulase) 
B-Glucosidase 
Filter paper 
Dyed Avicel 
Avicel 
Hydrocellulose 
Amorphous cellulose 
Cellooligosaccharides 
Carboxymethylcellulose 
Hydroxyethylcellulose 
Cellooligosaccharides 
Amorphous cellulose 
o- or p-Nitrophenyl-
13-D-glucosides 
Cellobiose 
Cellooligosaccharides 
Assay 
Solubilization 
Estimation of cellulose in residue 
Reducing sugars released 
Weight loss 
Solubilization: release of reducing sugars 
Release of dyed soluble fragments 
Solubilization: release of reducing sugars 
Solubilization: release of reducing sugars 
Increase in reducing power or analysis by HPLC 
Release of reducing sugars 
Decrease in viscosity 
Increase in reducing power or analysis by HPLC 
Solubilization: release of reducing sugars 
Release of o- or p-nitrophenol 
Release of glucose 
Increase in reducing power 
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Assays of cellulolytic enzymes include assay of total cellulase activity, activity 
of individual compositions of cellulase complex, determination of the end 
products (reducing sugars), measuring enzymatic activity by using 
chromogenic substrates, and viscometric methods. Among these methods, 
determination of reducing sugars is commonly used for assay of cellulase 
activity in soils. 
Because cellulose is an insoluble polymer, the soluble cellulase enzymes 
must move to this insoluble surface before any binding and catalytic activity is 
possible. Most assays for cellulase activity measure soluble reducing sugars 
released during the process of cellulose degradation, but only 
cellooligosaccharides that is composed of fewer than seven glucose monomers 
have significant solubility in aqueous solvents. Thus, biochemical techniques 
can not measure the degradation process from the time the enzyme binds to 
the insoluble cellulose substrate until soluble reducing sugars are released. 
The methods commonly used for assay of cellulase activity have been 
discussed by Ghose (1987) and Wood and Bhat (1988). These methods are 
summarized in Table 2. Different substrates are used for assay of activity of 
different enzymes or enzyme complexes involved in the cellulase system. 
The methods currently used for assay of cellulase activity in soils are 
not evaluated and do not give reproducible results. These adapted methods 
generally use carboxymethyl cellulose (CMC) as a substrate (Benefield, 1971; 
Hayano, 1986; Pancholy and Rice, 1973; Schinner and von Mersi, 1990). The 
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enzymatic reaction is performed in an biiffer solution with varied pH value, 
incubation time, and temperature. The end products, reducing sugars, are 
determined by the Somogyi-Nelson (molybdenum blue) or by the Prussian blue 
method. Carboxymethyl cellulose is produced by treating cellulose with NaOH 
and Na Chloroacetate. The structure of CMC is shown as follows: 
/O" 
Cellulose — CH, — C. 
^0 
Structure of carboxymethyl cellulose 
The method used by Schinner and von Mersi (1990) involves determination of 
the reducing sugars produced when a soil sample is incubated with CMC 
(0.7%) in an acetate buffer (pH 5.5) at 50°C for 24 h. The Prussian blue 
method that they used for determination of reducing sugars, however, is 
subject to significant error because it is too sensitive and requires many fold 
dilution. Schinner and von Mersi (1990) reported a 20- to 30-fold dilution. 
The assay method used by Pancholy and Rice (1973) involves determination, 
by the Somogyi-Nelson method, of reducing sugars produced when a soil 
sample is incubated with CMC in acetate buffer (pH 5.9) at 30°C for 24 h, 
using an autoclaved soil sample as a control. Hayano (1986) modified the 
method of Pancholy and Rice (1973) and assayed cellulase activity by 
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incubating soil samples with acetate buffer (pH 5.0) at 30°C for 20 h. Work by-
Woods and Mellon (1941) showed that a trace amount of metal interferes with 
the determination of reducing sugars with the Somogyi-Nelson method 
(molybdenum blue color development). 
Factors Affecting Cellulase Activity and Degradation of Cellulose 
In general, rates of enzymatic processes are affected by the amount of 
enzyme synthesized, availability of the substrate, and the environmental 
conditions, such as pH and temperature, of the reaction medium. A method 
for assay of enzyme activity is usually developed based on reaction rate in a 
buffer with optimal pH and saturated substrate concentration at 37°C in a 
constant reaction time. 
It is essential to study the effect of buffer pH on enzyme-catalyzed 
reactions because effective interaction between the substrate and enzyme 
occurs only if the ionizable groups of both substrate and the active site of the 
enzyme are in their proper states with the right conformation. Previous 
studies indicated that cellulases isolated from different microorganisms 
demonstrate different pH optima. The optimal pH of cellulase (EC 3.2.1.4) 
isolated from Trichoderma viride was 6.5 (Li et al., 1965), whereas the that 
from Polvporus versicolor was 5.0 (Petterson and Porath, 1963). 
Cellulases, in general, are about 100 times less efficient at hydrolyzing 
cellulose than amylases at hydrolysing a corresponding amount of starch 
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(Ross, 1966; Saddler, 1986). What all of the enzymes in a celltilase system 
have in common is their low specific activity towards their various substrates. 
As a consequence, difficulties are encountered in assay of the activities of 
these enzymes because of the overlapping of their substrates (Coughlan, 1991, 
1992). 
Microorganisms are one of the major factors in affecting cellulase 
activity in soils. Study by Hayano (1986) suggested that addition of cellulose 
and inoculation with untreated soil induced cellulase activity in remoistened 
heated soils. A soil sample from a tomato field showed cellulase activity after 
one week of storage but showed no cellulase activity when stored for one year 
(Hayano, 1986). Little is known about the relative contributions of fungi and 
bacteria to soil cellulase activity because it is difGcult to distinguish fungal 
cellulases from those of bacterial origin. Fungal cellulases are, however, 
considered the major contributor of cellulase activity in soils (Hayano, 1986; 
Rhee et al., 1987) 
Several factors affect the kinetics and rate of the reaction in the 
enzymatic hydrolysis of cellulose are important. These factors include the 
structure and composition of the insoluble substrate, the nature and 
composition of the enzyme system, and the inhibition effects of reaction 
products, especially cellobiose. Pretreatment to break the tight structure and 
render the insoluble substrate available for enzymatic degradation is a 
necessity for many practical applications. 
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Cellulase 
The nature and composition of the cellulolytic enzyme system is a 
crucial factor in the hydrolysis of cellulose. Cellulose degradation occurs by 
the action of endo- and exoglucanases which show a strong synergistic effect. 
The product of this reaction is largely cellobiose. The dimmer cellobiose is 
hydrolyzed to glucose by the action of the cellobiase enzyme present in the 
cellulolytic system. Large quantities of enzyme are required for extensive 
saccharification because of the low specific activity or turnover number of 
cellulase systems. Moreover, they may be inactivated during operation, either 
thermally or by adsorption to lignin or other polymers. Their synthesis is 
subject to catabolic repression and their action is subject to product inhibition. 
Improvement of enzyme yield has been made by screening of mutants to 
obtain cellulase hyperproducing strains. Enzyme synthesis of the strains is 
less subject to catabolite repression and/or some of the enzyme component are 
less inhibited by the products of cellulase hydrolysis. Recombinant DNA 
methodology has also been applied to increase the production of cellulolytic 
enzymes (Knowles et al., 1989). 
Cellulase activity in soils is derived mainly fi-om extracellulase 
stabilized by the organic matters and clay particles. In soils, sources of 
cellulase are many. Microorganisms, especially fimgi, are the major sources of 
cellulase in soils. Plant residues incorporated into soils may also be an 
important source of soil cellulase. In addition, these materials may induce 
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synthesis of cellulase in soils because cellulose is the major component of plant 
materials. Cellulase synthesis may also be induced by other organic inputs, 
such as animal manures and sewage sludges. 
Substrates 
The rate and extent of cellulose degradation by microorganisms and 
their enzymes is dependent in part on physical and chemical parameters such 
as temperature, pH, Og supply, availability of other sources of substrate. The 
structure of cellulose may affect the rate of hydrolysis. Direct physical contact 
between the enzyme and cellulose substrate is essential for the enzyme 
reaction. Thus, any structural feature of cellulose or its constituents that 
limits its accessibility will exert an influence on the susceptibility or the 
reactivity of the cellulose. The degradability of a substrate is strongly affected 
by degree of polymerization, degree of substitution, crystallinity, available 
surface area, pore volume and its distribution, and association with 
hemicellulose and lignin (Boyer and Redmond, 1983; Gharpuray et al., 1983; 
Henrissat, et al., 1985; Lin et al., 1985; Puri, 1984; Ryu et al., 1982). 
The degree of crystallinity of cellulose is one of the most important 
structural parameters which affects the rate of its enzymatic hydrolysis. X-ray 
dif&actometer using the focusing and transmission techniques were used to 
determine the crystallinity of native cellulose experimentally (Fan et al., 1980; 
French, 1985). Crystallinity indices are not of overriding importance in 
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determining susceptibility of cellulose to enzymic degradation. Study by 
Caulfield and Moore (1974) indicated that decreased particle size and 
increased available surface area might be more important than reduced 
crystallinity in increasing the degradation. The degree of swelling, fibrillar 
structure, and pore volume may be more important factors (Puis et al., 1985). 
In general, any structural feature that limits the accessibility of cellulose to 
enzyme will diminish its susceptibility to hydrolysis. 
Other factors 
Organic materials incorporated into soils may affect cellulase activity in 
several aspects. Firstly, many of these organic materials contain high 
percentage of cellulose that are potential substrates for cellulase activity. 
For example, plant residues are constantly incorporated into soils and the 
major component of plant residues is cellulose. Secondly, these organic 
materials may induce synthesis of cellulase or provide a suitable microbial 
environment for synthesis of cellulase. Thirdly, some organic materials, such 
as sewage sludges, may contain compounds, functional groups or elements that 
are inhibitors or cofactors of cellulase. Studies showed that activities of L-
asparaginase, phosphatase, and urease were affected by trace elements in soils 
(Frankenberger and Tabatabai, 1991; Juma and Tabatabai, 1977; Tabatabai, 
1977). These trace elements are derived from sewage sludges disposed on 
soils, firom fertilizer materials added to soils (Charter et al., 1993; 
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Kpomblekou-A, 1993), or deposited on soils through combustion. 
In addition, degradation of cellulose may also be affected by factors such 
as removal of the products. End product inhibition caused by cellobiose and 
glucose can be very strong, in which cellobiose is a stronger inlubitor of the 
hydrolysis reaction. Most of the natural enzyme systems that show high 
cellulolytic activity on insoluble substrates have a very low content of 
cellobiose. To minimize inhibition by cellobiose and maximize glucose 
formation, it is necessary to design an optimal cellulase complex with 
increased cellobiase activity. 
Association of cellulose with lignin and hemicellulose is another major 
factor affecting degradation of cellulose. Direct contact between the reagents 
and the substrate molecules of cellulose is necessary for hydrolysis because the 
susceptibility of cellulose to hydrolysis is determined largely by its accessibility 
to cellulolytic enzyme. Many enzymes are prevented from degrading cellulose 
in the presence of lignin. Although the detailed chemical structure of lignin is 
reasonably well understood, the nature of the association between lignin and 
cellulose still remains uncertain. 
Effect of Tillage and Residue Management 
on Biochemical Processes in Soils 
Economical and environmental concerns lead to increasing interest in 
tillage and residue management practices. Extensive work has been done in 
assessing the effect of tillage and residue management practices on soil C and 
nutrient cycling (Havlin et al., 1990; Tracy et al., 1990), and on microbial 
communities (Beare et al., 1993; Broder and Wagner, 1988). Limited work has 
also been done in evaluating the effect of different management practices on 
enzyme activities in soils (Dick, 1984; Dick et al., 1988). 
Minimum tillage is applied in a no-till crop production system, whereas 
plant residues are incorporated into soils through moldboard plow or chisel 
plow in conventional tillage. Reduced tillage reduces soil erosion, conserves 
soil water, and minimize inputs of petroleum fuel and labor for crop 
production (Doran, 1980b). Crop residue placement on surface protected the 
soil from wind and erosion, increased water infiltration, reduced evaporation, 
and increased soil organic matter levels and the storage of soil water (Doran, 
1980a&b; Tracy et al., 1990). The increased water infiltration is due to 
greater continuity and more uniform distribution of macropores in a soil 
profile under a no-till system (Logsdon et al., 1990). Studies showed 
accumulation of soil organic C and N at the surface (0-2.5 cm) under a reduced 
tillage with crop residue placement (Havlin et al., 1990). Greater 
accumulations of inorganic nutrients, NO3-N, SO4-S, and PO4-P, at the surface 
soils (0-2.5 cm) were also observed in no-till soils with residue placement 
(Tracy et al., 1990). Thus, tillage and residue management can increase 
nutrients in both the organic and inorganic pools. The pathway and processes 
involving soil organic matter and nutrient cycling, however, are still unknown 
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(Tracy et al., 1990). 
Soil microbial and biochemical changes associated with tillage and 
residue management have been studied by several researchers (Beare et al., 
1993; Broder and Wagner, 1988; Dick, 1984; Doran, 1980). Mulching 
increased two- to six-fold of bacteria, actinomycetes, and fungi. Nitrifying and 
denitrifying organisms in the surface soils increased 2- to 20-fold and 3- to 43-
fold, respectively (Doran, 1980a). Crop residue placement also minimized the 
inhibitory effect of herbicides on nitrifier populations (Doran, 1980a). Greater 
accumulation of soil C, N, P, and S in no-till soils with residue placement may 
be due to lower residue decay rates because residue decay rates in 
conventional tillage were 3.4 times faster than that in no-till (Beare et al., 
1993). 
Type and quality of the crop residue may also affect microbial 
population. Application of soybean residue resulted in higher population of 
bacteria and actinomycete in comparison with application of com and wheat 
residues. Application of the latter two residues, however, resulted in higher 
fungal population (Broder and Wagner, 1988). The different responses of 
microbial communities to different crop residues may correspond to different 
composition of crop residues. These differences may be evaluated through 
evaluating enzyme activities under different tillage and residue management. 
Enzyme activities on suface soils were generally higher in no-till soils in 
comparison with those in conventional tillage (Dick, 1984; Dick et al., 1988; 
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Doran, 1980b). Application of organic materials, such as crop residues and 
animal manures, resulted in increasing of enzyme activities (Dick et al., 1988; 
Doran, 1980b). Activities of arylsulfatase, urease, amidase, and alkaline and 
acid phosphatase were strongly correlated with soil organic C and total N 
content (Dick et al., 1988). Limited information is available on the effect of 
tillage and residue management on activities of cellulase and some other 
enzymes involved in C, N, P, and S cycling in soils. Little information is 
available on the relationships among enzyme activities in soils under different 
tillage and residue management systems. 
Decomposition of Plant Residues and Evolution of COg 
in Relation to Cellulase Activity in Soils 
Carbon dioxide evolution in soil is mainly from microbial respiration so 
that it is used as an index of microbial growth and activity. In general, no 
significant correlations are found between enzyme activities and COg 
evolution, unless the soil is amended with excessive C source, such as glucose, 
starch, or plant residues. Frankenberger and Dick (1983) tested the activities 
of 11 soil enzymes and COj evolution in 10 diverse soils. Significant 
correlations were found between some enzyme activities, such as those of 
phosphatase, amidase, and COg evolution in the glucose amended soils. There 
were no significant correlations between activities of the 11 soil enzymes 
assayed and COg evolution in the 10 unamended soils. Although cellulase 
50 
activity was not tested by Frankenberger and Dick (1983), the results obtained 
do provide a general trend of relationships between enzyme activities and COg 
evolution. This trend of relation is supported by research result obtained by 
Sparling (1985) and Schnure et al. (1985). They demonstrated that soil 
organic C content is one of the key factors defining relationships between 
enzyme activities and COg evolution. 
Little information is available on decomposition of plant residues and 
CO2 evolution in relation to cellulase activity in soils. Cellulose is a common 
source of organic C in soils. Results fi-om previous studies discussed above 
suggest that cellulase activity and COg evolution may be strongly influenced 
by addition of plant residues in soils. This was conferred by Spalding (1977), 
who observed significant correlation between the rate of COg evolution and the 
activity of cellulase with r=0.58*" in 0.05 M potassium acetate (pH 5.0) 
extracts of coniferous leaf litter. 
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PART L COLORIMETRIC DETERMINATION OF REDUCING 
SUGARS IN SOILS 
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INTRODUCTION 
Reducing sugars in soils are important because they are the end 
products of many biological processes and enzymatic reactions (Batistic et al., 
1980; Beneâeld, 1971; Pancholy and Rice, 1973). Several colorimetric 
methods have been proposed for determination of saccharides in soils. 
Phenol-sulfiiric acid, anthrone-sulfuric acid, dinitrosalicylic acid (DNS), 
reaction with potassium ferric hexa-cyanide reagent (Prussian blue), and the 
Somogyi-Nelson (molybdenum blue) methods are the most commonly used for 
determination of saccharides in biological systems. Among these methods, 
DNS, Prussian blue, and molybdenum blue methods are specific for 
determination of reducing sugars. The other two methods are used for 
determination of total saccharides. A sensitive method for determination of 
reducing sugars in soil extracts is needed in assay of cellulase activity of soils. 
Survey of the literature revealed that the assay procedures for this soil 
enzyme are defective because autoclaved soil was used as a control and the 
trace amounts of interfering metals extracted from soil were not removed 
before color development (Batistic et al., 1980; Benefield, 1971; Pancholy and 
Rice, 1973). Furthermore, a buffer solution is commonly used as the medium 
for the enzymatic reaction. Thus, the buffer employed may interfere with 
saccharide color development. The information available indicates that the 
Prussian blue and molybdenum blue methods are the most accurate and 
sensitive (Schinner and von Mersi, 1990; Wood and Bhat, 1988). Woods and 
Mellon (1941), however, demonstrated that many metals, including Ag, Ba, 
Cd, Cr, Cu, Fe(III), Hg, Pd, Sr, and Zn, interfere with the molybdenum blue 
color development. Nelson (1944) indicated that iodide and iodate interfere 
with the molybdenum blue method. The objective of this part of the study 
was to evaluate the five methods described for determination of reducing and 
total sugars in soils. 
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MATERIALS AND METHODS 
Soils 
The soils used (Table 3) were surface samples (0-15 cm) selected to 
represent a wide range of properties. The analyses reported were performed 
as described by Dick and Tabatabai (1984) and Basta and Tabatabai (1992). 
Reagents 
Toluene: Fisher certified reagent (Fisher Scientific Co., Itasca, ILL). 
Acetate Buffer (0.05 M, pH 5.5): Prepared by dissolving 6.8 g of sodium 
acetate trihydrate in ça, 700 ml of water, titrating the solution to pH 5.5 with 
99% glacial acetic acid, and adjusting the volume to 1 liter. 
K-Saturated Cation-Exchange Resin: Prepared by washing analytical 
grade cation-exchange resin, AG 50W-X8, 20-50 mesh, hydrogen form (Bio-
Rad Lab., Richmond, Calif.) three times with 1 M KCl, shaking for 15 min 
each time, then washing thoroughly with deionized water. The used resin 
was regenerated after washing three times with 1 M HCl and then three 
times with 1 M KCl. The excess KCl was removed by washing several times 
with deionized water. 
Phenol Solution (5%, w/v): Prepared as described by Wood and Bhat 
(1988). 
Anthrone Solution: Prepared as described by Spiro (1966). 
3,5-Dinitrosalicylic Acid (DNS) Reagent: Prepared as described by 
Table 3. Properties of soils used 
Soil 
Series Subgroup pH^ CEC Org. C Total N Clay Sand 
cmoKNH/) 
kg'^ soil 
gkg'^ gkg-^ g kg-^ 
Pershing Aquollic Hapludalf 6.0 22.5 15.7 1.40 291 45 
Weller Aquic Hapludalf 6.0 18.8 12.2 1.40 235 46 
Grundy Aquic Argiudoll 6.1 22.2 26.9 1.90 248 46 
Clarion Typic HapludoU 6.3 33.8 31.2 2.35 264 250 
Webster Typic Endoquoll 6.9 31.3 32.4 3.80 280 302 
Nicollet Aquic HapludoU 7.0 31.2 33.8 2.19 254 316 
Canisteo Typic Endoquoll 7.4 36.8 35.2 3.02 312 190 
Harps Typic Calciaquoll 7.9 41.4 44.0 2.43 356 188 
^ Soil:water ratio (1:2.5). 
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Wood and Bhat (1988). 
Prussian Blue Reagents: Prepared as described by Schinner and von 
Mersi (1990). 
Somogyi Reagent I: Prepared by dissolving 30 g of NagCOg 
(anhydrous), 15 g of Rochelle salt (sodium potassium tartrate), 20 g of 
NaHCOg, and 180 g of NagSO^ (anhydrous) in ça. 800 ml of boiled water and 
diluting the volume to 1 liter (filtered when necessary). This solution was 
stored at room temperature (ça. 23°C). A precipitate may form after a few 
days. This may be filtered off without detriment to the reagent. 
Somogyi Reagent 11: Prepared by dissolving 45 g of NagSO^ 
(anhydrous) and 5 g of CUSO4.5H2O in about 200 ml boiled water and diluting 
the volume to 250 ml. The solution was stored at room temperature (ça. 
23°C). 
Nelson Reagent (Arsenomolybdate Color Reagent): Prepared by 
dissolving 25 g of ammonium molybdate in 450 ml of water and adding 21 ml 
of concentrated H2SO4 and 3 g of NagHAsO^.VHgO dissolved in 25 ml of HgO. 
The solution was heated at 37°lu for 48 h. If the reagent is needed quickly, an 
alternative procedure is to heat to 55^C for about 25 min. However, stirring 
must be adequate to prevent local overheating; otherwise decomposition of the 
chromogen may occur. This is accompanied by precipitation of a bright 
yellow compound. This reagent should be stored in a glass-stoppered brown 
bottle. 
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Standard Glucose Solution: Prepared by dissolving 1.00 g of glucose 
(Sigma Chemical Co., St. Louis, MO) in water and adjusting the volume to 1 
liter with water. 
Procedure 
Unless otherwise indicated, saccharides in nonautoclaved soils were 
extracted from 5 g of air-dried soil in a 50-ml Erlenmeyer flask with 20 ml of 
acetate buffer after treatment with 0.5 ml of toluene. The soil-buffer mixture 
was either equilibrated for 30 min or incubated at 30°C for 24 h, then 
transferred to a 50-ml plastic centrifuge tube and centrifuged at 17,390 g for 
three time, 10 min each. An aliquot (10 ml) of the supernatant was treated 
with K-saturated cation-exchange resin (2 g) to remove the trace amount of 
metals extracted. The supernatant thus treated was analyzed for reducing 
sugars by the Prussian blue and molybdenum blue (Somogyi-Nelson) methods. 
For comparison of methods for determination of saccharides in soils, 0.1 M 
K2SO4 solution was used in the place of acetate buffer. The supernatant 
obtained as described above was analyzed for reducing sugars by the Prussian 
blue and molybdenum blue methods, and for total saccharides by phenol-
sulfuric acid and anthrone-sulfuric acid methods. The concentration of 
reducing sugars or total saccharides in the supernatant was calculated from a 
calibration graph prepared for each method. 
The Prussian blue method involves the reduction of ferricyanide ions in 
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alkaline solution followed by formation of Prussian blue (ferric ferrocyanide), 
which is measured quantitatively with a spectrophotometer at 690 nm 
(Schinner and von Mersi, 1990). 
In the Somogyi-Nelson method, 1 ml of soil extract or glucose standard 
solution containing from 0 to 60 jig of glucose was mixed with 5 ml of water 
in a test tube (12.5 ml capacity). Six ml of water served as a blank. Then, a 
2-ml mixture of Somogyi I and II (4:1) was added into the test tube. The final 
solution was mixed and heated in a boiling water bath for exactly 20 min. 
Next the test tube was cooled in a pan of cold water, and the contents were 
treated with 2 ml of the Nelson reagent. The reaction solution was mixed on 
a vortex mixer and the absorbance was measured with a spectrophotometer at 
710 nm. 
Unless otherwise specified, all results reported are averages of duplicate 
extractions and analyses, and expressed on moisture-fi*ee basis, moisture 
being determined firom loss in weight after drying at 105°C for 48 h. When 
necessary, the soil was steam sterilized at 121''C for 1 h. 
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RESULTS AND DISCUSSION 
Choice of Method 
The calibration graphs of D-glucose by the five methods showed that 
the Prussian blue method is the most sensitive for determination of reducing 
sugars (Figure 7), it can detect as little as 1 pg of reducing sugars; the 
relationship between absorbance and glucose concentration was linear only up 
to 20 pg of D-glucose. The Somogyi-Nelson method is the second most 
sensitive, its detection limit is 5 pg of reducing sugars; the calibration graph 
was linear up to 100 pg of D-glucose. The phenol-sulfuric acid and anthrone-
sulfuric acid methods were not as sensitive as the Prussian blue or the 
Somogyi-Nelson method. In addition, these two methods are not specific for 
determination of reducing sugars; the reagent used in these two methods form 
colored compounds with reducing and nonreducing sugars. Therefore, these 
reagents can be used for determination of reducing sugars only if nonreducing 
sugars are absent in the aliquot analyzed. Although the DNS method is 
specific for determination of reducing sugars, it is not sensitive; therefore, the 
calibration graph obtained for this method could not be plotted on the same 
scale shown in Figure 7. Based on these results, the Somogyi-Nelson method 
is sensitive and has a reasonable detection range. Thus, it is a desirable 
method for determination of reducing sugars in soils if the interfering metals 
can be removed from the soil extracts. 
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2 5 h O Somogyi—Nelson method 
• Phenol-sulfuric acid method 
A Dinitrosalicylic acid (DNS) method 
A Anthrone method 
2.0 h • Prussian blue method 
fig glucose (X 10 for DNS) 
Figure 7. Comparison of calibration graphs of five methods evaluated 
for determination of sugars in soils 
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Somogyi-Nelson method is commonly used for determination of 
reducing sugars in biological materials, such as blood. The absorbance of the 
molybdenum blue color is generally measured at 520 nm (Spira, 1966; Wood 
and Bhat, 1988). As shown in Figure 8, the maximum absorbance lies at 710 
nm. The sensitivity of the method can be improved greatly by measuring the 
absorbance at 710 nm. In the original Nelson method (Nelson, 1944) for 
determination of glucose, he reported the maximum absorption was at 660 
nm. The wavelength 500 nm, however, was chosen for the measurement. 
Nelson (1944) indicated that the wavelength 500 nm represented a 
satisfactory compromise between the sensitivity desired and the advantages 
gained by reducing to minimum effects of variations due to reagents, 
reoxidation of cuprous oxide, etc. It should be pointed out that Nelson 
method was developed for determination of glucose in biological material 
extracts, where the glucose concentration is usually in the range of mg per ml. 
In soil extracts, the concentration of reducing sugars, however, is usually in 
the range of pg per ml. Measurement at 500 or 520 nm does not give a 
satisfactory sensitivity. Therefore, the absorbance of the color solution was 
measured at 710 nm in this study. 
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660 780 540 900 
Wavelength (nm) 
Figure 8. Absorption spectra of molybdenum blue color solutions 
developed in the Somogyi-Nelson method. A, B, C, and D 
indicate 0, 25, 50, and 75 pg glucose standard, respectively 
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Effect of Concentration and pH of the Buffer Solution 
The Somogyi-Nelson method was found to be the most suitable for 
determination of reducing sugars in soil extracts after removing the 
interfering metals. It is well known that pH value of the reaction mixture is 
critical for molybdenum blue color development. Thus, a study was performed 
to determine the effect of the concentration and pH of the buffer solution, 
used for extraction of reducing sugars, on the molybdenum blue color 
development in the Somogyi-Nelson method. Results indicated that the 
absorbance at 710 nm was not affected by addition of acetate buffer if its 
concentration was less than 0.10 M and its pH was above 5.0 (Figure 9). 
Acetate buffer concentration of 0.05 M with pH 5.5 was chosen in this study. 
It will be shown in Part 11 that pH 5.5 is the optimum pH for cellulase 
activity in soils. The results obtained in this study on the effect of acetate on 
molybdenum blue color development is consistent with that found by Wood 
and Mellon (1941), who reported that acetate did not interfere with the 
molybdenum blue reaction when its concentration is 500 ppm. In this study, 
the acetate concentration was 328 ppm in the final molybdenum blue reaction 
mixture. 
Test indicated that filtration of the colored solution reduced the 
absorbance at 710 nm because some color was removed by Whatman #42 filter 
paper (data not shown). Thus, filtration was avoided throughout the 
experiments performed in this work. 
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1.5 -
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0.5 -
0.05 M 
• 0.10 M 
V 0.20 M 
• 0.30 M 
0.0 
4.0 4.5 5.0 5.5 6.0 6.5 
pH 
Figure 9. Effect of concentration and pH of acetate bxifFer on 
determination of reducing sugars 
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Effect of Soil Constituents 
The percentage recovery of glucose added to acetate buffer extracts of 
nonautoclaved soils varied from 25 to 107%, depending on the soil types and 
the amount of soil extract added to the reaction mixture (Table 4). The 
percentage recovery values were more uniform and quantitative (ça. 100%) 
when the soil extract was treated with K-saturated cation-exchange resin. 
These results suggest that the trace amount of metals in the soil extracts that 
are known to interfere with molybdenum blue color development can be 
removed by treating the soil extract with K-saturated cation-exchange resin. 
The recovery values exceeded 100% when 5 ml of soil extracts were used for 
analysis. This could be due to changes in the ionic strength of the solution 
under analysis. It is known that pH has a significant effect on molybdenum 
blue development, but test indicated that addition of 5 ml of the acetate 
buffer solution (0.05 M, pH 5.5) did not alter the pH values during 
molybdenum blue color development (pH 9.5 during heating in a water bath 
and pH 1.65 after addition of the Nelson reagent). 
Results suggested that the effect of the interfering metals on 
molybdenum blue color development was enhanced by autoclaving the soil 
samples (Table 5). This is because steam sterilization changes some of the 
soil chemical properties, including increase of some of the extractable metals 
(WiUiams-Linera and Ewel, 1984). These results suggest that it is 
inappropriate to use autoclaved soils as a control as described by Pancholy 
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Table 4. Effect of extract of nonautoclaved soils on glucose recovery by the 
Somogyi-Nelson method 
Glucose 
added 
Extract 
added^ 
Recovery of riucose added to extract of 
soil specified^ 
Weller Clarion Canisteo 
20 
ml 
1 
3 
5 
48.3(107) 
26.9(101) 
24.9(109) 
.... % 
96.4(93.7) 
96.7(104) 
90.9(111) 
104(106) 
107(96.6) 
106(117) 
40 1 
3 
5 
71.3(97.5) 
49.7(96.1) 
42.5(111) 
95.3(96.0) 
89.4(106) 
89.9(113) 
95.0(99.3) 
106(107) 
104(116) 
60 1 
3 
5 
82.7(98.9) 
61.6(102) 
51.9(113) 
93.0(98.8) 
93.0(109) 
87.5(116) 
100(103) 
99.6(107) 
105(118) 
^ A 5-g of soil sample in a 50-ml Erlenmeyer flask was treated with 0.5 ml of 
toluene and 20 ml of acetate buffer (0.05 M, pH 5.5), mixed, and allowed to 
equilibrate at room temperature for 30 min. The soil-buffer mixture was 
transferred into a 50-ml plastic centrifuge tube and centrifuged for 3 times at 
17390 g for 10 min. The aliquot specified was analyzed with and without 
glucose added. 
^ Figures in parentheses are percentage recovery values obtained after treating 
the soil extract (10 ml) with K-saturated AG 50W-X8 cation-exchange resin (2 
g). 
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Table 5. Effect of extract of autoclaved soils on glucose recovery by the Somogyi-
Nelson method 
Recovery of ducose added to extract of 
soil specified^ 
Glucose Extract ' 
added added^ Weller Clarion Canisteo 
Pg 
20 
ml 
1 
3 
5 
3.6(104) 
1.5(94.7) 
46.4(108) 
% 
60.5(91.9) 
55.8(106) 
76.3(121) 
72.8(97.6) 
74.4(99.0) 
84.6(113) 
40 1 
3 
5 
14.3(99.7) 
17.3(103) 
44.5(117) 
76.8(96.8) 
68.5(100) 
80.6(117) 
80.4(99.3) 
79.5(105) 
93.1(112) 
60 1 
3 
5 
39.4(98.6) 
32.0(103) 
53.8(112) 
85.4(97.7) 
72.3(108) 
81.9(115) 
90.1(99.0) 
84.0(106) 
93.6(114) 
® A 5-g of soil sample in a 50-ml Erlemneyer flask was treated with 0.5 ml of 
toluene and 20 ml of acetate buffer (0.05 M, pH 5.5), mixed, and allowed to 
equilibrate at room temperature for 30 min. The soil-buffer mixture was 
transferred into a 50-ml plastic centrifiige tube and centrifuged for 3 times at 
17390 g for 10 min. The aliquot specified was analyzed with and without 
glucose added. 
^ Figures in parentheses are percentage recovery values obtained after treating 
the soil extract (10 ml) with K-saturated AG 50W-X8 cation-exchange resin (2 
%)• 
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and Rice (1973) and Hayano (1986). Surprisingly, other papers published on 
cellulase assay did not report using controls (Benefield, 1971; Batistic et al., 
1980). 
Comparison of Methods for Determination of Saccharides in Soils 
Treatment of soil extracts obtained without incubation with K-
saturated resin did not significantly afiFect the reducing sugar values by the 
Prussian blue method (Table 6). Resin treatment of soil extract obtained after 
incubation (30°C, 24 h), however, decreased reducing sugar values by this 
method. Park and Johnson (1949) reported that the reduction reaction during 
Prussian blue color development lacks specificity. Possibly, other reducing 
agents present in soil extracts were responsible for the positive error in 
determination of reducing sugars by this method, but these agents were 
apparently removed by the treatment of the soil extract with K-saturated 
cation-exchange resin. Incubation of the soil-bufifer mixture at 30°C for 24 h 
increased extractable reducing sugars significantly, suggesting enzymatic 
hydrolysis of the native substrates in soils. 
Reducing sugar values obtained by the Somogyi-Nelson method were 
similar to those obtained by the Prussian blue method (Tables 6 and 7), 
suggesting that the reagents involved in these methods react with the same 
sugar compounds. The Prussian blue method is accurate under low 
saccharide levels because it is sensitive at low saccharide range (5 to 20 pg 
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Table 6. Effect of resin treatment of soil extract on the values of reducing sugars 
in soils obtained by the Prussian blue method 
Reducing sugars Reducing sugars 
without resin treatment^ with resin treatment 
Soil Nonincubated Incubated Nonincubated Incubated 
mg kg'^ soil 
Pershing 28 105 27(36) 84(84) 
Weller 23 80 24(32) 73(75) 
Grundy 48 167 46(47) 138(129) 
Clarion 53 207 51(48) 170(157) 
Webster 40 191 42(44) 151(140) 
Nicollet 61 179 55(52) 135(137) 
Canisteo 55 203 56(51) 165(164) 
Harps 58 298 56(54) 256(226) 
^ A 5-g of soil sample in a 50-ml Erlenmeyer flask was treated with 0.5 ml of 
toluene and 20 ml of acetate buffer (0.05 M, pH 5.5), mixed, and allowed to 
equilibrate at room temperature for 30 min, or incubated at SO^C for 24 h. The 
soil-buffer mixture was transferred into a 50-ml plastic centrifuge tube and 
centrifuged for 3 times at 17390 g for 10 min. The aliquot specified was 
analyzed for reducing sugars. 
^ As described above, but a portion (10 ml) of the supernatant was treated with 
K-saturated cation-exchange resin (2 g) before analysis. Figures in parentheses 
are reducing sugar values obtained by the Somogyi-Nelson method. 
Table 7. Comparison of methods for determination of saccharides in soils^ 
Reducing sugars by method specified Total sugars by method specified 
Soil Somogyi-Nelson Prussian blue Phenol-sulfuric acid Anthrone 
mg kg"^ soil 
Pershing 36(84) 27(84) 109(130) 103(114) 
Weller 32(75) 24(73) 91(104) 90(98) 
Grundy 47(129) 46(138) 167(161) 140(124) 
Clarion 48(157) 51(170) 208(284) 172(231) 
Webster 44(140) 42(151) 163(227) 150(182) 
Nicollet 52(137) 55(135) 193(215) 170(162) 
Canisteo 51(164) 56(165) 276(292) 238(238) 
Harps 54(226) 56(256) 288(358) 247(296) 
^ A 5-g of air-dried soil sample in a 50-ml Erlenmeyer flask was treated with 0.5 ml of toluene and 20 ml of 
K2SO4 solution (O.IM), mixed, and allowed to equilibrate at room temperature for 30 min. The soil-K^SO^ 
mixture was transferred into a 50-ml plastic centrifuge tube and centrifuged for 3 times at 17390 g for 10 
min. A portion (10 ml) of the supernatant was treated with K-saturated cation-exchange resin (2 g). An 
aliquot (1 ml) was analyzed for reducing sugars by the method specified. Figures in parentheses are the 
reducing sugars values obtained for soils incubated at 30°C for 24 h. 
glucose). This method, however, is subject to errors because it is highly 
sensitive, and soil extracts require many fold of dilution (at least 5 fold) before 
analysis for reducing sugars by this method. Schinner and von Mersi (1990) 
reported a 20- to 30-fold dilution. The soil extracts were seldom diluted in the 
Somogyi-Nelson method. The DNS method was not sensitive enough to be 
used in determination of acetate buffer-extractable reducing sugars in soils. 
Values for total saccharides obtained by the phenol-sulfuric acid method were 
similar to those by the anthrone-sulfuric acid method in three out of the eight 
soils tested, but relatively higher in the other five soils (Table 7). Martens 
and Frankenberger (1990) demonstrated that the anthrone-sulfuric acid 
method underestimated total saccharide in soil extracts. This can be due to 
the fact that the anthrone-sulfuric acid method is specific for determination of 
hexose (Spiro, 1966). 
Air-drying of field-moist soils is known to change the chemical and 
physical nature of soil organic matter and aggregate stability (Kemper, 1965). 
The reducing sugar values of the incubated (SO^C for 24 h) air-dried soil by 
the Somogyi-Nelson method were greater than those of incubated field-moist 
soils (Table 8). 
Precision of the Method 
The Somogyi-Nelson method is the most suitable for determination of 
reducing sugars in soils, provided that the interfering substances are removed 
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Table 8. Effect of air-drying of field-moist soils on values of reducing sugars in 
soils^ 
Reducing sugars of Reducing sugars of 
field-moist soils air-dried soils 
Soil Nonincubated Incubated Nonincubated Incubated 
mg kg"^ soil 
Pershing 25 69 20 77 
Weller 19 42 34 80 
Grundy 24 71 47 128 
Clarion 31 92 41 163 
Webster 27 79 23 127 
Nicollet 25 30 34 118 
Canisteo 27 85 49 152 
Harps 40 107 43 228 
^ A 5-g of autoclaved soil sample in a 50-ml Erlenmeyer flask was treated with 
0.5 ml of toluene and 20 ml of acetate buffer (0.05 M, pH 5.5), mixed, and 
allowed to equilibrate at room temperature for 30 min, or incubated at 30°C for 
24 h. The soil-buffer mixture was transferred into a 50-ml plastic centrifuge 
tube and centrifiiged for 3 times at 17390 g for 10 min. A portion (10 ml) of the 
supernatant was treated with K-saturated cation-exchange resin (2 g). An 
aliquot (1 ml) was analyzed for reducing sugars by the Somogyi-Nelson method. 
before analysis. The precision of the method developed is illustrated by Table 
9, which gives the results of six replicated analyses of three air-dried 
incubated soils. The coefficients of variation of the results obtained by this 
method were < 5.0%. The molybdenum blue color was stable for at least 24 h, 
whereas the Prussian blue color was stable for only 1 h (data not shown). 
The Prussian blue method, however, is a sensitive and accurate method for 
determination of low-concentration (less than 80 pg glucose g'^ soil) reducing 
sugars in soil extracts. 
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Table 9. Precision of the Somogyi-Nelson method 
Glucose (mg kg'^ soil)^ 
Soil Range Mean SD CV(%f 
Weller 75 - 87 81 4.1 5.0 
Canisteo 164 - 179 171 5.0 2.9 
Harps 204-230 219 9.6 4.4 
^ Range of six replicated extractions and analyses. SD, Standard deviation. 
^ CV, Coefficient of variation. 
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PART IL CELLULASE ACTIVITY OF SOILS 
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INTRODUCTION 
Cellulases are a group of enzymes that degrade cellulose, a 
polysaccharide built of 13-1,4 linked glucose units. The early literature gave 
conflicting reports concerning the composition of the cellulase system. 
Currently, it is generally accepted that the cellulase system comprises three 
major types of enzymes: (1) endo-l,4-13-glucanase (EC 3.2.1.4), attacking 
cellulose chain at random; (2) exo-l,4-]3-glucanase (EC 3.2.1.91), removing 
glucose or cellobiose from the non-reducing end of the cellulose chain; and (3) 
J3-D-glucosidase (EC 3.2.1.21), hydrolyzing cellobiose and other water soluble 
cellodextrins to glucose. The activity of this last enzyme in soils has been 
studied thoroughly by Eivazi and Tabatabai (1988, 1990). The products of 
cellulose degradation are glucose, cellobiose, and other higher molecular 
weight oligosaccharides. 
Cellulose is the most abundant organic compound in the biosphere, 
comprising almost half of the biomass synthesized by photosynthetic fixation 
of COg (Eriksson et al., 1990). Cellulose in soils is derived mainly from plant 
residues incorporated into the soil and a limited amount is derived from 
synthesis by fungi and bacteria in soils (Richmond, 1991). It is important to 
understand the mechanism of its biodégradation and factors affecting this 
process in soils because degradation of cellulose provide readily available 
carbon for growth of microorganisms. 
The mechanism of cellulase action is still unknown. Several hypotheses 
have been proposed (Reese, 1975; Reese et al., 1950; Ryu and Mandels, 1980; 
White, 1982; Wood, 1975 & 1991), but none of them have been fully accepted. 
An accurate and precise method for the assay of cellulase activity in soils is 
needed to perform further research in this area. The assay of cellulase 
activity can be performed by determining the end products; reducing sugars. 
The methods commonly used for assay of cellulase activity in extracts of 
biological systems have been discussed by Ghose (1987) and Wood and Bhat 
(1988). Some of these methods have been adapted for determination of 
cellulase activities in soils. The method used by Schinner and von Mersi 
(1990) involves determination of reducing sugars produced when a soil sample 
is incubated with carboxymethyl cellulose (CMC, 0.7%) in an acetate buffer 
solution (pH 5.5) at 50°C for 24 h. The Prussian blue method that they used 
for determination of reducing sugars, however, is subject to error because it is 
too sensitive and requires at least 5-fold of dilution (Part I). Schinner and 
von Mersi (1990) reported a 20- to 30-fold of dilution. The assay method used 
by Pancholy and Rice (1973) involves determination, by the Somogyi-Nelson 
method, of reducing sugars produced when a soil sample is incubated with 
CMC in a acetate buffer (pH 5.9) at 30''C for 24 h, using an autoclaved soil 
sample as a control. Hayano (1986) modified the method of Pancholy and 
Rice (1973) and assayed cellulase activity by incubating soil samples with 
acetate buffer (pH 5.0) at 30°C for 20 h. Surprisingly, other papers on 
cellulase assay did not report using controls (Benefield, 1971; Batistic et al., 
1980). Work by Woods and Mellon (1941) showed that trace amounts of 
metals interfere with the determination of reducing sugars with the Somogyi-
Nelson method (molybdenum blue color development). As shown in Part I, 
soil extracts, especially those obtained from autoclaved soils, contained 
materials that significantly interfered with determination of reducing sugars 
with the Somogyi-Nelson method and that these interference were removed by 
treating the soil extract with K-saturated cation-exchange resin; presumably 
these were trace metals. Because the methods used for the assay of cellulase 
activity in soils have not been evaluated and do not give accurate and precise 
results, this work was initiated to develop an accurate and precise method for 
assay of cellulase activity in soils. 
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MATERIALS AND METHODS 
Soils 
The soil used were surface samples selected to represent a wide range 
of properties. The properties of these soils are as described in Table 3 of Part 
I. The analyses reported were performed as described by Dick and Tabatabai 
(1984) and Basta and Tabatabai (1992). Unless otherwise indicated, air-dried 
soils were used. 
Reagents 
Toluene: Fisher certified reagent (Fisher Scientific Co., Chicago, 111.). 
Carboxymethyl Cellulose (CMC): Sodium salt, low viscosity (Sigma 
Chemical Co., St. Louis, MO). 
Acetate Buffer (0.05 M, pH 5.5): Prepared by dissolving 6.8 g of sodium 
acetate trihydrate into about 700 ml of water, titrating the solution to pH 5.5 
with 99% glacial acetic acid, then diluting the solution to 1 liter. 
Buffered 2% CMC Solution: Prepared by dissolving 20 g of CMC into 1 
liter of acetate buffer (0.05 M, pH 5.5). 
K-saturated cation exchange resin: Prepared by washing analytical 
grade cation exchange resin, AG 50W-X8, 20-50 mesh, hydrogen form (Bio-
Rad Lab. Richmond, Calif.) three times with 1 M KCl, shaken for 15 min each 
time, then washing thoroughly with deionized water. The used resin was 
regenerated after washing three times with 1M HCl and then three times 
with 1 M KCl. The excess KCl was removed by washing several times with 
deionized water. 
Somogyi Reagent I: Prepared by dissolving 30 g of NagCOg (anhydrous), 
15 g of Rochelle salt (Sodium Potassium Tartrate), 20 g of NaHCOg, and 180 g 
of NagSO^ (anhydrous) in about 800 ml of boiled water and diluting to 1 liter. 
Somogyi Reagent II: Prepared by dissolving 45 g of NagSO^ (anhydrous) 
and 5 g of CUSO2.5H2O in about 200 ml boiled water and diluting to 250 ml. 
Nelson Reagent: Prepared by dissolving 25 g of ammonium molybdate 
in 450 ml of distilled water. This solution was treated with 21 ml of 
concentrated H2SO4 and 3 g of Na^HAsO^.THgO (dissolved in 25 ml of HgO). 
The final solution was heated in an incubator at 37°C for 24 to 48 h. 
Standard Glucose Solution: Prepared by dissolving 1.0 g of glucose in 
water, and dilute the solution to 1 liter. This solution was stored in a 
refrigerator. 
Procedure 
Unless otherwise indicated, 5 g of soil was placed in a 50-ml 
Erlenmeyer flask, and incubated with 0.5 ml of toluene and 20 ml of acetate 
bufiEer containing 2% CMC at 30°C for 24 h. After incubation, the suspension 
is mixed and centrifuged 3 times at 17,390 g for 10 min each. A portion (10 
ml) of the supernatant was treated with K-saturated cation-exchange resin (2 
g), and analyzed for reducing sugars by the Somogyi-Nelson method (Part I). 
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Two controls were performed with each soil analyzed to allow for blue 
color not derived from the reducing sugars released by cellulase activity in 
soils. One was buffered 2% CMC incubated with 0.5 ml of toluene but 
without soil for reducing sugars produced from chemical hydrolysis of CMC 
during incubation. The other was 5 g of soil sample incubated with 0.5 ml of 
toluene and 20 ml of acetate buffer without CMC. This was for residual 
reducing sugars in soil samples and any other component in soils that may 
produce blue color during the measurement. After incubation, the mixtures 
were treated as previously described. The values of the two controls were 
subtracted from the glucose values obtained for the CMC-treated soils. 
Kinetic Parameters 
For determination of the and values, cellulase activity was 
assayed at substrate concentrations ranging from 0.25 to 2.0% CMC. The 
and Vn,ax values were calculated by plotting the cellulase activity values 
according to three linear transformations of the Michaelis-Menten equation. 
The activation energy were calculated from cellulase activity obtained at 2% 
CMC, with temperature of incubation varying from 10 to 50°C. The activation 
energy values were calculated by using the Arrhenius equation plot. 
Unless otherwise indicated, all results reported are average of duplicate 
determinations expressed on a moisture-free basis, moisture being determined 
from the loss in weight after drying the soils at 105°C for 24 h. 
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RESULTS AND DISCUSSION 
The method developed for assay of cellulase activity in soils is based on 
colorimetric determination of reducing sugars in soil extracts and on studies 
of factors affecting production of reducing sugars during incubation of soils 
with buffered CMC solution in the presence of toluene. The factors studied 
included buffer pH, amount of soil, substrate concentration, temperature and 
time of incubation, effect of toluene and preheating of the soil samples. 
Extraction and Estimation of Reducing Sugars 
The colorimetric procedure used for estimation of reducing sugars is 
based on the formation of molybdenum blue compound from the reaction of 
reducing sugars with arsenomolybdate reagent in the presence of copper-
carbonate-tartrate reagent (Wood and Bhat, 1988). This method is specific for 
determination of reducing sugars and is most suitable for soil studies as 
shown in Part I. Tests indicated that the molybdenum blue color is stable in 
the laboratory light for at least 24 h (data not shown). The 0.05 M acetate 
buffer used for incubation and extraction of reducing sugars gives 
quantitative (ça. 100%) recovery of reducing sugars added to soils (Part I, 
Table 4 and 5). 
The controls were designed so that they allow for subtraction of the 
native soil reducing sugars and any trace amount of reducing sugars produced 
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by chemical hydrolysis of CMC during the 24 h of incubation. 
Effect of Buffer pH 
Studies of the effect of buffer pH on enzyme catalyzed reactions are 
essential because hydrogen ion concentration in the reaction system affects 
the ionization groups of enzyme proteins and influences the ionization state of 
the substrate. For effective interaction between the substrate and enzyme, 
the ionizable groups of both substrate and the active site of the enzyme must 
be in their proper states to maintain the right conformations. The most usual 
type of pH-activity relationship found for enzyme is a bell-shaped curve, 
which is the result of variation of either or with pH or it may 
represent an irreversible enzyme inactivation at extremely high pH values. 
The optimal pH observed for cellulase activity is 5.5 (Figure 10). As an 
enzyme system, cellulase components demonstrate different pH optima. The 
optimal pH of 13-glucosidase activity in soils is 6.0 (Eivazi and Tabatabai, 
1988). For the same component, cellulases isolated from different 
microorganisms also demonstrate different pH optima. The optimal pH of 
cellulase (EC 3.2.1.4) isolated from Trichoderma viride was 6.5 (Li et al., 
1965), whereas the optimal pH of that isolated from Polvporus versicolor was 
5.0 (Petterson and Porath, 1963). 
Although it is known that the pH optima of enzymes in solutions are 
about 2 pH units lower than the same enzymes in soils (McLaren and 
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Estennann, 1957), it seems that this is not true for cellulase activity of soils. 
This phenomenon may be due to the complexity of cellulase system and 
multiple sources of it in soils. 
Effect of Toluene 
Ideally, the chemical and physical properties should not be altered 
before enzyme assay (Tabatabai, 1982). Some antiseptic and plasmolytic 
agents, such as ethanol, dimethyl sulfoxide (DM80), have been used to retard 
or minimize microbial growth and assimilation of enzymatic reaction products 
during the assay, but such methods alter the enzyme-reaction rates 
(Frankenberger and Johanson, 1986). An ideal sterilization agent for 
extracellular enzyme detection in soil would be the one that completely 
inhibits all microbial activities but would not lyse the cells or affect the 
extracellular enzymes (Tabatabai, 1982). Unfortunately, no such an agent 
has been found so far. 
Toluene has been the most widely used microbial inhibitor in the 
assays of soil enzymes. Toluene is believed to stop the synthesis of enzyme by 
living cells and prevent assimilation of the reaction products during the assay 
procedure. This plasmolytic agent, however, affects the intracellular 
contribution of the measured activities in soils, and its usefulness is limited to 
the assay procedures that involve a few hours of incubation (Frankenberger 
and Johanson, 1986; Tabatabai, 1982). 
Studies on the effect of toluene on cellulase activity in soils showed that 
cellulase activity increased due to toluene treatment in both air-dried and 
field-moist soils (Table 10). In the eight soils tested, cellulase activity 
increased from 5.8 to 42.5 mg glucose kg'^ soil in air-dried soils (av = 24.0 mg 
glucose kg'^ soil), and from 43.5 to 93.1 in field-moist soils (av = 73.6 mg 
glucose kg'^ soil). Toluene has been reported to affect the activities of some 
enzymes in soils (Skujins, 1967). It seems that toluene renders microbial cell 
membranes permeable to substrates and enzyme reaction products. Enzyme 
activities may increase or not be affected by toluene treatment depending on 
the proportion of the total enzyme activity associated with microbial cells. 
For example, inorganic pyrophosphatase activity of soils was reported not to 
be affected by toluene treatment (Dick and Tabatabai, 1978), suggesting that 
either (1) the microbial cell membranes are permeable to PPi and Pi and 
toluene has no significant effect on the activity of this enzyme in soils or (2) 
the pyrophosphatase activity associated with the microorganisms in soils is an 
insignificant part of the total activity. Although cellulase is known to be an 
extracellular enzyme and is secreted from living cells (Reese and Mandels, 
1984), results from this study indicate that a portion of cellulase activity is 
associated with microbial cells. The proportion of cellulase activity associated 
with microbial cells varies depending on the soil type and pretreatment of 
soils. Toluene treatment increased cellulase activity from 51 to 115% (av = 
73.7%) in field-moist soils but only 6 to 62% (av = 24.6%) in air-dried soils. 
Table 10. Effect of toluene on cellulase activity in air-dried and field-moist soils 
Cellulase activity Cellulase activity Cellulase activity 
without toluene treatment with toluene treatment^ due to toluene treatment 
Soil Air-dried Field-moist Air-dried Field-moist Air-dried Field-moist 
mg Glucose kg'^ soil -
Pershing 65.9 84.9 77.7 128.4 11.8(17.9) 43.5(51.2) 
Weller 89.0 83.3 94.8 139.6 5.8(6.5) 56.3(67.6) 
Grundy 113.3 127.2 155.4 220.3 42.1(37.2) 93.1(73.2) 
Clarion 148.0 114.3 157.4 197.1 9.4(6.4) 82.8(72.4) 
Webster 116.4 143.5 147.4 207.1 31.0(26.6) 63.6(44.3) 
Nicollet 97.4 99.3 132.4 185.1 35.0(35.9) 85.8(86.2) 
Canisteo 67.9 74.1 110.4 155.3 42.5(62.6) 81.2(109.6) 
Harps 83.3 72.1 97.3 154.8 14.0(16.8) 82.7(114.7) 
^ The soil sample was treated with 0.5 ml of toluene. 
^ Figures in parentheses are percentage of cellulase activity increased due to toluene treatment. 
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Substrate Concentration 
For an assay of enzymatic activity to be valid, it is necessary to ensure 
that the enzyme substrate concentration is not limiting the reaction rate in 
the assay procedure. Wald et al. (1983) indicated that application of 
Michaelis-Menten equation is valid for cellulase only at low substrate 
concentrations when the substrate is much below that required for As 
higher substrate concentration are attained, an adsorption process must be 
included. McLaren and Packer (1970) commented on such a situation in a 
review article on enzyme kinetics in heterogeneous systems. In addition, the 
enzymatic reaction may be further complicated because of the complexity of 
cellulase system. An end product of one enzyme in the system becomes a 
substrate of another enzyme. When various substrate concentrations in the 
method described were studied, cellulase activity increased up to 2% of CMC. 
The substrate concentration-activity curves of cellulase obeyed the Michaelis-
Menten equation. Two percent of CMC as a substrate was used for assay of 
cellulase activity in soils. As shown in Figure 11, the enzyme was not 
completely saturated with the substrate at this concentration, and the 
reaction did not follow zero-order kinetics. The rate of the reaction, however, 
was dependent on the enzyme and substrate concentration, as is evident from 
the levels of activity of the soils reported in Figure 11. When higher CMC 
concentrations were used in the assay procedure described, difficulties were 
encountered because of the increase in viscosity of the CMC solution. 
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produced in assay of cellulase activity in soils 
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Amount of Soil 
The effect of varying the amount of soil used in the method described 
on the amount of reducing sugars produced during a constant incubation time 
is shown in Figure 12. The amount of reducing sugars produced from 
cellulase activity increased with increasing the amounts of soil up to 7 g. The 
linear parts of the curves indicate that neither the substrate concentration 
nor the products formed influences the reaction rate of this enzyme in soils. 
It is ideal to use an amount of soil in this range for assay of the enzyme. The 
amount of soil (5 g) used in the assay procedure described, however, was not 
within the linear range of the relationship reported in Figure 12. Because 
cellulase activity is relatively low in soils, a 5 g soil sample was used to allow 
for sufficient product formation for its accurate determination. 
Time of Incubation 
Enzyme-catalyzed reactions usually show linear relationships between 
the amount of products formed and time of incubation. Studies on the effect 
of varying the incubation time on cellulase activity showed that the amount of 
reducing sugars produced increased linearly up to 7 days of incubation 
(Figure 13). The observed linear relationship indicates that the method 
developed measures enzymatic hydrolysis of CMC and is not complicated by 
microbial growth or assimilation of enzymatic products by microorganisms. 
Formation of reducing sugars followed a zero-order kinetic for at least 7 days. 
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in assay of cellulase activity in soils 
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The amount of reducing sugars produced did not deviate from linearity after 7 
days, indicating that neither the substrate concentration was becoming a 
limiting factor nor was one of the products inhibiting cellulase activity. 
studies with insoluble cellulose have shown that cellobiose and glucose inhibit 
the first step in hydrolysis of cellulose (solubilization and depolymerization) 
and that glucose inhibits the cellobiose hydrolysis in the second step (Lee et 
al., 1980; 1982). The amount of reducing sugars produced in the assay 
procedure described, however, was in the range of pg glucose g'^ soil, and 
product inhibition was not observed, as evident from the time curves shown in 
Figure 13. 
Skujins (1967) suggested that an assay for soil enzymes should not 
require a long incubation time because of the risk or error through microbial 
activity increases with increasing incubation time. The incubation time of 24 
h was used for the proposed assay method. Microbial activity did not seem to 
interfere with the assay during the 24 h incubation time since a linear 
relationship between the amount of reducing sugars produced and the time of 
incubation in the presence of toluene. 
Temperature of Incubation 
Enzyme-catalyzed reaction rates increase with increasing temperature 
of incubation within a certain temperature range as long as the enzyme is 
stable and retains its full activity. The activity of enzymes decrease with 
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increasing temperature because of enzyme inactivation at some temperature 
above this range. The optimal incubation temperature for cellulase activity in 
soils occurred at temperatures ranging from 50 to 60°C (Figure 14). The 
inactivation temperature (>60°C) is similar to those of arylsulfatase, 
rhodanese, phosphodiesterase and amidase (Tabatabai and Bremner, 1970; 
Tabatabai and Singh, 1976; Browman and Tabatabai, 1978; Frankenberger 
and Tabatabai, 1980). Previous studies have shown that the temperature 
needed to inactivate the enzyme in soils is about 10°C higher than the 
temperature needed to inactivate the enzyme in the absence of soil (Tabatabai 
and Bremner, 1970; Browman and Tabatabai, 1978). 
Energy of Activation 
The temperature dependence of the rate constant of a reaction at a 
temperature below inactivation can be described by the Arrhenius equation 
which is expressed as follows: 
k = A exp(-Eg/RT), 
where k is the rate constant of the reaction, 
A is the Arrhenius constant, a characteristic of the reaction, 
Eg is the Arrhenius activation energy, 
R is the gas constant, and 
T is the absolute temperature. 
The Arrhenius equation can also be expressed in the log form as follows: 
95 
250 
a 
m 200 
150 
« 100 
O Clarion soil 
• Nicollet soil 
A Pershing soil 
• Weller soil 
50 
O 20 40 60 80 
Incubation temperature ( C) 
Figure 14. Effect of temperature of incubation on the rate of glucose 
produced in assay of cellulase activity in soils 
96 
log k = (-Ey2.303R)(iyT) + log A. 
By ploting log k vs. l/T, A and values can be calculated from the intercept 
and slope of the linear relationship. 
The Arrhenius plots for cellulase activity values of the four soils tested 
were linear between 10 to 50°C (Figure 15). The slopes of the lines were 
similar, indicating similar activation energy values for cellulase in these soils. 
The activation energy values of the reaction catalyzed by cellulase ranged 
from 21.7 to 28.0 kJ mol'^ (Table 11). 
Table 11. values of soils tested 
Sdi 
""" kJ mol ^ """ 
Clarion 26.2 
Weller 28.0 
Nicollet 25.4 
Pershing 21.7 
Temperature Coefficients 
The rate of biochemical reactions depends on temperature. This 
dependency is usually described by a temperature coefficient (Qiq), which is 
the ratio of the reaction rate at a given temperature to the reaction rate at 
that temperature minus 10°C. The rates of enzyme-catalyzed reactions 
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generally increase with increasing temperature until the temperature reaches 
the thermal inactivation point. After the thermal inactivation point, the rate 
begins to decrease because of enzyme inactivation. 
The rate of chemical reactions increase with increasing temperature, 
approximately doubling for every increase of 10°C. Enzyme-catalyzed 
reactions, however, are less sensitive to temperature changes than chemical 
reactions, whereas the chemical reaction rate may double with every lO^C 
elevation of temperature, the enzyme-catalyzed reaction rate usually will 
increase by a factor of less than 2 (ZeflFren and Hall, 1973). Temperature 
coefficients vary from one enzyme to another, depending on the activation 
energy of the enzyme. The temperature coefficients for cellulase in four soils 
for temperatures ranging from 10 to 50°C ranged from 1.10 for Nicollet soil to 
1.78 for Clarion soil, with an average of 1.42 (Table 12). 
Km and Values 
Three possible linear transformations of the Michaelis-Menten equation 
applied to the cellulase activity values of Clarion and Weller soils are shown 
in Figure 16. These transformations are as follows: 
1/V = 1/V^ax + K^/Vmox • Lineweaver-Burk transformation 
[8]/V = Kn,A^max + • [8] Hanes-Wolf transformation 
V = - Kn, . v/[S] Eadie-Hofstee transformation 
where V = the initial velocity of the reaction. 
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Table 12. Temperature coefficients of the cellulase reaction in soils 
Soil 
Qio for temperature CO indicated^ 
20 30 40 50 Average 
Pershing 1.13 1.60 1.13 1.51 1.34 
Weller 1.34 1.46 1.48 1.50 1.45 
Clarion 1.42 1.55 1.29 1.78 1.51 
Nicollet 1.53 1.51 1.33 1.10 1.37 
Average 1.36 1.53 1.31 1.47 1.42 
Cellulase activity at given temperature 
^Qio = 
Cellulase activity at given temperature - 10°C 
Figure 16. Three linear plots of the Michaelis-Menten equation for 
cellulase activity in soils. Velocity (V) is expressed as mg 
glucose produced kg'^ soil 24 h'^ by using carboxymethyl 
cellulose as a substrate and S is expressed in g liter \ #, 
Weller soil; o, Clarion soil. A, Lineweaver-Burk plot; B, 
Eadie-Hofstee plot; C, Hanes-Woolf plot 
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K^, = the Michaelis-Menten constant, 
- the maximum initial velocity, and 
S = the substrate concentration. 
Both Km and are constants for the enzyme, but they may vary 
independently of each other under different conditions. The value is 
independent of enzyme concentration and is very valuable in studies of 
enzyme kinetics. Based on the Michaelis-Menten equation, approximately 10 
to 90% of are achieved at substrate concentrations ranging from K^, x 10'^ 
to Kn, X 10 (Neilands and Stumpf, 1964). 
The Kn, and values were calculated for the cellulase reaction at 
optimal pH in soils and are shown in Table 13. The K^ ranged from 9.7 to 
21.4 g CMC liter \ The ranged from 168 to 223 mg glucose kg'^ soil. The 
variations among the transformations are because each transformation gives 
different weight to errors in the variables (Dowd and Riggs, 1965). In 
general, the magnitude of the K^ and V^ax values were consistently higher in 
the following order: Hanes-Woolf > Eadie-Hofstee > Lineweaver-Burk plot. 
Effect of Preheating on Stability of Soil Cellulase 
Previous study indicated that the activities of enzymes such as amidase 
were influenced by preheating the sample before enzyme assays 
(Frankenberger and Tabatabai, 1981), but no information is available about 
the effect of preheating on cellulase activity in soils. In this study, the soil 
103 
Table 13. K^, and V^ax values of cellulase in soils calculated from the three 
transformations of the Michaelis-Menten equation 
Michaelis-Menten 
transformation Soil Km' 
Lineweaver-Burk plot 
(1/V vs. 1/8) 
Clarion 
Weller 
9.7 
18.7 
168 
192 
Eadie-Hofstee plot 
(Vvs. V/S) 
Clarion 
Weller 
11.4 
19.2 
185 
197 
Hanes-Woolf plot 
(SAT vs. S) 
Clarion 
Weller 
16.0 
21.4 
223 
211 
^ g CMC liter'. 
^ mg Glucose kg"' soil. 
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samples were exposed to different temperature for 2 h, then cooled down to 
room temperature (23°C), and assayed for cellulase activity at 30°C. 
Denaturation of soil cellulase occurred at temperatures ranging from 60 
to 70°C (Figure 17). From 60 to 80% of the total cellulase enzyme remained 
active upon preheating air-dried soils at 100°C for 2 h. The corresponding 
values for field-moist soils were 18 to 23%. These results suggest that 
cellulase is more stable in soils as compared with other enzymes such as 
amidase, Amidase activity was almost completely destroyed in the field-moist 
soils upon preheating at 100°C for 2 h, and 30 to 50% of its total activity 
remained in air-dried soils (Frankenberger and Tabatabai, 1981). 
In the study of activation energy, it was assumed that the incubation 
temperature (10 to 50°C) had no effect on the stability of the enzyme. Results 
shown in Figure 17 support the validity of this assumption. 
Precision of the Method 
The high precision of the proposed method is shown in Table 14. The 
results were obtained from six replicated assays of four soils. The means of 
cellulase activity values of these soils ranged from 174 to 284 mg glucose kg'^ 
soil using 2% CMC as a substrate. The standard deviation values of the 
activity ranged from 5.9 to 11.1. The coefficients of variation of this method 
were below 4.1%. This method, therefore, is not only sensitive, but also 
precise. 
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Figure 17. Stability of cellulase in soils upon preheating for 2 hours at 
various temperatures 
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Table 14. Precision of the method 
Glucose (mg kg'^ soil)^ 
Soil Range Mean SD CV(%f 
Pershing 172 - 183 174 6.8 3.9 
Weller 176 - 189 182 5.9 3.2 
Clarion 274 - 290 284 8.1 2.8 
Nicollet 263 - 290 274 11.1 4.1 
^ Range of six replicated extractions and assays. SD, Standard deviation. 
^ CV, Coefficient of variation. 
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PART ni. FACTORS AFFECTING CELLULASE ACTIVITY IN SOILS 
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INTRODUCTION 
Although efforts have been made in developing an assay method for 
measuring cellulase activity in soils (Benefield, 1971; Hayano, 1986; Pancholy 
and Bice, 1973; and Schinner and von Mersi, 1990), there is no satisfactory 
method for assay of this enzyme in soils. A sensitive, accurate, and precise 
method was developed for assay of cellulase activity in soils (Part II). There 
is little information, however, on the factors (substrate, pretreatment, and 
toluene) that affect cellulase activity in soils. 
Cellulases are a group of enzymes comprising three major types of 
enzymes, endo-l,4-glucanase (EC 3.2.1.4), exo-l,4-glucanase (EC 3.2.1.91), and 
13-glucosidase (EC 3.2.1.21). Substrates for the cellulase enzyme system vary 
in their composition, structure, and forms that strongly affect the measured 
cellulase activity due to complexity of the enzyme system and overlapping of 
the substrates as discussed in the literature review. Cellulase activity, 
therefore, can only be compared if the substrate used for the assay is exactly 
the same. Carboxymethyl cellulose is a commonly used substrate and was 
used as a substrate in the assay procedure developed (Part II). In the field, 
plant residues are constantly incorporated into soils each year. They are 
potential substrates for cellulase activity. Animal manures and sewage 
sludges may also be substrates for cellulase activity in soils. At present, no 
information is available about the cellulase activity of these organic materials. 
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Activities of enzymes may or may not be affected by pretreatment, such 
as air-drying, of soil samples. Studies have shown that activities of 
phosphatase (Geller and Dobrotrorskaya, 1961), invertase (Ross, 1965), and 
catalase (Latypora and Kurbatov, 1961) decrease, whereas that of 
arylsulfatase (Tabatabai and Bremner, 1970b) and amidase (Frankenberger 
and Tabatabai, 1981b) increase upon air-drying field-moist soils. 
Toluene has been widely used as a microbial inhibitor in the assays of 
soil enzymes. The fimction of toluene in these assays is believed to stop the 
synthesis of enzymes by living cells and prevent assimilation of the reaction 
products during the assay procedure. This plasmolytic agent, however, affects 
the intracellular contribution of the measured activities in soils, and its 
usefulness is limited to the assay procedures that involve a few hours of 
incubation (Frankenberger and Johanson, 1986; Tabatabai, 1982). The effects 
of toluene on activities of enzymes also vary, depending on the source, state, 
and distribution of a particular enzyme in soils. The effect of toluene on the 
activity of cellulase is still not clear. Study described in Part II indicated that 
cellulase activity increased upon toluene treatment in both air-dried and field-
moist soils. Further studies are needed on the effect of toluene on production 
of reducing sugars in soils and on the activity of purified cellulase. Such 
studies should better elucidate the role of toluene in affecting the activity of 
this enzyme in soils. 
Application of sewage sludges to agricultural land may cause 
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enrichment of soils by heavy metals and other trace elements (Berrow and 
Webber, 1972). The term "trace element" is used here to refer to elements 
that are, when present in sufficient concentration, toxic to living systems. 
Several trace elements are added to soils as fertilizers, as impurities in 
fertilizers, or as components of industrial wastes. Effect of these trace 
elements on some biochemical processes in soils have been investigated by 
several researchers (Liang and Tabatabai, 1978; Tabatabai, 1977, Fu and 
Tabatabai, 1989). Studies have shown that enzymatic activities in soils are 
inhibited by many trace elements including 13-glucosidase (Tyler, 1974), urease 
(Tabatabai, 1977; Tyler, 1974), phosphatase (Juma and Tabatabai, 1977, 
Tyler, 1974), sulfatase (AI-Khafaji and Tabatabai, 1979), and nitrate 
reductase (Fu and Tabatabai, 1989). Although a method has been developed 
for assay of cellulase activity in soils, no information is available about the 
effect of trace elements on soil cellulase activity. 
The objectives of this study, therefore, were: (1) to assess the cellulase 
activity in plant residues, animal manures, and sewage sludges, (2) to 
investigate the effect of air-drying on the activity of cellulase in soils; (3) to 
assess the effect of toluene on production of reducing sugars, activity of 
cellulase in soils, and the activity of purified cellulase; and (4) to evaluate the 
relative effect of trace elements on cellulase activity in soils. 
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MATERIALS AND METHODS 
Soils 
The soils used were surface samples (0-15 cm) selected to represent a 
wide range of properties. The properties of these soils are as described in 
Table 3 in Part I. The analyses reported were performed as described by Dick 
and Tabatabai (1984) and Basta and Tabatabai (1992). 
Crop Residues 
Two crop residues [com (Zea Mays L.) and soybean {Glycine Max (L.) 
Merr.)] and alfalfa (Medicago sativa L.) were used. The com material was 
collected before harvest and the soybean material was collected after harvest. 
The alfalfa was harvested fresh. All plant materials were dried at 65°C for 
48 h and ground to pass a 20 mesh sieve (850 pm). 
Animal Manures 
Four animal manures: chicken (Gallus domesticus), cow (Bos taurus), 
horse (Equus caballus), and pig (Sus scrofa) were collected from central Iowa 
livestock feeding facilities. The horse manure was produced by draft horses 
fed hay and grass. After collection, small amounts of straw contained in the 
manure was removed. The chicken manure, produced by mixed layer hens 
fed layer feed, was obtained from the ISU Poultry Nutrition Farm. The pig 
manure, obtained from the ISU Swine Nutrition Farm, was produced by 4-8 
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week old mixed bred pigs fed a 16% protein (com/soybean) mix on elevated 
flooring. The cow manure was collected from mixed bred feeder cattle fed 
com silage on a slab feedlot at the ISU Animal Science Teaching Center. The 
manures were placed in double-lined polyethylene bags and stored in sealed 5 
gal (20 L) buckets at 4°C. A subsample of manure was spread (1-2 cm) on a 
polyethylene-lined tray and allowed to air-dry. Drying was facilitated by 
placing the trays in chemical fume hoods. The air-dried samples were then 
ground to pass a 2-mm sieve, and a portion was ground to pass a 80-mesh 
(180 pm) sieve. The chemical properties of these manures were reported by 
Provin (1991). 
Sewage Sludges 
The four sewage sludge samples used were collected from wastewater 
treatment plants in Iowa. After drying at room temperature, the solid 
material was ground to pass a 60-mesh sieve (250 pm). The dried sludge 
samples were stored in glass bottles at 4°C. The chemical composition of the 
sewage sludge samples used were reported by Tabatabai and Frankenberger 
(1979). 
Purified Cellulases 
The five cellulases, purified from different fungi, were obtained from 
Sigma Chemical Co, St Louis, MO. 
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Reagents 
The reagents used for assay of cellulase activity in soils are described 
in Part IL 
Trace Elements 
The trace elements used were Fisher certified reagent-grade chemicals. 
Of these, Ag(I), Cu(II), Cd(II), Co(II), Fe(II), Zn(II), Pb(II), Ba(II), and V(IV) 
were added as the sulfate; Cu(I), Mg(II), Mn(II), Ni(II), Hg(II), Sn(II), Fe(III), 
Cr(III), and Al(III) were added as chloride; As(III), Se(IV), As(V), W(VI), 
Mo(VI), B(in), Ti(IV) were added as NaAsOg, HgSeOa, Na^HAsO^, NagWO^, 
Na2Mo04, Na2B40; and TiOSO^, respectively. 
Procedure 
A soil sample (5 g) was placed in a 50-ml Erlenmeyer flask, and 
incubated with 0.5 ml of toluene and 20 ml of acetate buffer containing 2% 
CMC at 30°C for 24 h. After incubation, the suspension is mixed well and 
centrifuged at 17,390 g for 3 times, 10 min each. A portion (10 ml) of the 
supernatant was treated with K-saturated cation-exchange resin (2 g). The 
mixture was shaken for 30 min and the supernatant was analyzed for 
reducing sugars by the Somogyi-Nelson method as described in Part I. 
For assay of cellulase activity in plant materials, animal manures, or 
sewage sludges, an amount of material containing 50 mg of organic C was 
used. The amount, concentration, pH of the acetate buffer, and the substrate 
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used and the conditions of the assay procedures were similar to those used in 
assay of cellulase activity in soils (Part II). 
The effect of trace element was studied by treating 5 g of soil in a 50-ml 
Erlenmeyer flask with 1 ml of solution containing 25 pmol of trace element. 
The solution was added dropwise to moisten the whole soil sample. After .30 
min of equilibration, cellulase activity was assayed by incubating the soil 
sample with 0.5 ml of toluene and 20 ml of acetate buffer containing 2% CMC 
at 30°C for 24 h. The reducing sugars produced were extracted and 
determined as described above. 
The results of cellulase activity from trace element-treated soils were 
compared with those obtained with 5 g of soil treated with 1 ml of water. The 
percentage inhibition of cellulase activity by each trace element was 
calculated from (1-B/A)100, where A is cellulase activity of untreated soil, and 
B is cellulase activity of trace element-treated soil. 
Two controls were performed for cellulase assay with each soil analyzed 
to allow for blue color not derived from the reducing sugars released by 
cellulase activity in soils. One involved incubating 2% of CMC-buffer solution 
with 0.5 ml of toluene but without soil. This was for reducing sugars 
produced from chemical hydrolysis of CMC during incubation. The other 
involved incubating 5 g of soil sample with 0.5 ml of toluene and 20 ml of 
acetate buffer without CMC. This was for residual reducing sugars in soil 
samples and any other component in soils that may produce blue color during 
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the measurement. After incubation, the mixtures were treated as described 
above. 
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RESULTS AND DISCUSSION 
Effect of Air-drying on Cellulase Activity 
The effect of air-drying of field-moist soil samples on cellulase activity 
is reported in Table 15. The data reported show that air-drying of field-moist 
soils caused a marked decrease in cellulase activity (average, 45%). Previous 
studies have shown that the effect of air-drying of field-moist soil samples on 
soil enzyme activity depends upon the enzyme (Skujins, 1967; Tabatabai and 
Bremner, 1970), and that no general rule can be established for the effect of 
air-drying soil samples on assay of enzyme activity. For example, Tabatabai 
and Bremner (1970) reported an increase of arylsulfatase activity with an 
average of 43%, and McGarity and Myers (1967) found an increase in urease 
activity, while Ross (1965) found that air-drying of soil samples reduced soil 
invertase and amylase activities, and Frankenberger and Tabatabai (1981a) 
found that activity of amidase decreased significantly upon air-drying field-
moist soils. 
Cellulase Activity of Plant Materials, Animal Manures, and Sewage Sludges 
Plant residues are constantly incorporated into soils each year. In 
Iowa, approximately 5 tons of com residues are incorporated into each hectare 
of soil each year. The major component of plant residues is known to be 
cellulose, which is about 15-60% (Paul and Clark, 1989). Thus, plant residues 
are the most likely substrates for cellulase activity under field conditions. In 
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Table 15. Effect of air-drying of soils on reducing sugars and cellulase activity 
RS produced 
Initial RS^ at 30°C, 24h^ Cellulase activity 
Soil A B A B A B CG 
• mg Glucose kg'^ soil % 
Pershing 25 20 44 56 142 67 47.2 
Weller 19 34 23 46 162 78 48.1 
Grundy 24 47 47 81 269 77 28.6 
Clarion 31 41 62 122 242 110 43.7 
Webster 27 23 52 104 220 148 67.3 
Nicollet 25 34 5 84 224 115 51.3 
Canisteo 27 49 58 104 218 71 32.6 
Harps 40 43 67 184 171 73 42.7 
^ RS, reducing sugar; A, field-moist soils; and B, air-dried soils. 
^ C, cellulase activity in air-dried soil expressed as a percentage of that in field-
moist soil. 
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addition, organic waste materials, such as animal manures and sewage 
sludges, applied to soils are also potential substrates of cellulase activity. 
The reducing sugar values of selected plant residues, animal manures, 
and sewage sludges are reported in Table 16. The data indicated that plant 
residues, in general, contained the highest amounts of reducing sugars, with 
glucose equivalent ranging from 7 to 22 g kg'^ (2.85 to 8.83 g glucose-C kg"^). 
Animal manures contained medium amounts of reducing sugars, with glucose 
equivalent ranging from 1.4 to 6.4 g kg'^, whereas sewage sludges contain the 
least amounts of reducing sugars, with glucose equivalent less than 1 g kg'^ in 
the four sewage sludges tested. 
The percentages of glucose-C equivalent to total organic C varied from 
0.03 to 2.2% (Table 16). The high native reducing sugars in plant residues 
may affect cellulase activity due to end product inhibition of cellulase action. 
The reducing sugars in these organic waste materials are in gram per 
kilogram range and are very high compared with those in soils, which are in 
milligram per kilogram range (Table 15). 
Incubation of these organic materials at 30°(3 for 24 h showed an 
increase of reducing sugar values for plant residues and animal manures, 
whereas little change occurred in sewage sludges (Table 17). The percentage 
increase in reducing sugar values varied widely and ranged from 18 to 376% 
(Table 17). The reducing sugars released during incubation are most likely 
the results of cellulase action on the native organic substrates. Thus, smaller 
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Table 16. Reducing sugar content of the plant residues, animal manure, and 
sewage sludges 
Reducing sugars® 
Material Glucose Glucose C Organic C Glucose C/Org. C 
g kg ^  g C kg'^ % 
Plant Residues: 
Alfalfa 9.08 3.64 399 0.91 
Com 22.08 8.83 401 2.20 
Soybean 7.13 2.85 438 0.65 
Animal Manures: 
Chicken 4.50 1.80 304 0.59 
Cow 6.43 2.57 454 0.54 
Horse 1.39 0.55 252 0.22 
Pig 3.91 1.56 422 0.37 
Sewage Sludges: 
Correctionville 0.72 0.29 424 0.07 
Charles City 0.99 0.40 405 0.10 
Davenport 0.31 0.12 285 0.04 
Keokuk 0.43 0.17 529 0.03 
® Reducing sugars were extracted and determined as for soil samples. 
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Table 17. Organic C and reducing sugars in incubated and nonincubated organic 
materials 
Reducing sugars^ 
Organic 
Material C A B C E® 
gkg'^ g Glucose C kg'i % % 
Plant Residues: 
Alfalfa 399 3.63 6.27 2.64 0.66 173 
Com 401 8.83 10.46 1.63 0.41 118 
Soybean 438 2.85 4.60 1.75 0.40 161 
Animal Manures: 
Chicken 304 1.80 5.82 4.02 1.32 323 
Cow 454 2.57 8.32 5.75 1.27 324 
Horse 252 0.55 0.89 0.34 0.13 162 
Pig 422 1.56 7.44 5.88 1.39 476 
Sewage Sludges: 
Correctionville 424 0.29 0.17 -0.12 0 59 
Charles City 405 0.40 0.40 0 0 100 
Davenport 285 0.12 0.11 -0.01 0 92 
Keokuk 529 0.17 0.07 -0.10 0 41 
^ A, Without incubation; B, incubated at 30°C for 24 h; C, amount produced 
during incubation. 
^ Percentage of organic C hydrolyzed to reducing sugars, which was 
calculated as follows: C/(Org.C - A) x 100. 
®E = (B/AxlOO). 
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amount of reducing sugars increased during incubation in com residue than 
that in animal manures could be attributed to end product inhibition caused 
by the high background reducing sugar content in com residues. 
The percentage of organic C hydrolyzed to reducing sugars was as high 
as 1.3% in chicken, cow and pig manures, whereas it was only 0.13% in horse 
manure (Table 17). The corresponding values of plant residues varied from 
0.4 to 0.66%. The wide variation in the percentage of reducing sugars 
released in animal manures during incubation perhaps reflect the wide 
variation in organic composition in these organic materials. 
The native cellulase activity of these organic materials was determined 
by using CMC as a substrate (Table 18). Cellulase activity in these materials 
varied widely and ranged from 0.96 to 44.14 g glucose kg'^ material. The 
highest activity was obtained in the pig manure and the lowest was in the 
Davenport sewage sludge. 
Autoclaving the organic material decreased cellulase activity 
significantly. Cellulase enzyme, however, was not completely deactivated by 
autoclaving (Table 18). These results support the finding reported in Part II, 
showing the high stability of cellulase upon preheating of the soil samples at 
100°C for 2 h. 
The cellulase activities of these organic materials were 10 to 500 times 
greater than those in soils. In addition, these materials showed high 
background reducing sugar values (Table 17). With these information, one 
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Table 18. Cellulase activity of the plant residues, animal munures, and sewage 
sludges used 
Reducing sugars^ 
Cellulase 
Material Control CMC added activity^ 
g Glucose kg'^ 
Plant Residues; 
Alfalfa 15.67 21.52 5.85 (0.84) 
Com 26.16 34.22 8.06 (0.04) 
Soybean 11.50 18.82 7.32 (0.08) 
Animal Manures: 
Chicken 14.56 34.52 19.96 (6.08) 
Cow 20.80 27.58 6.78 (0.30) 
Horse 2.22 17.54 15.32 (0.18) 
Pig 18.60 62.74 44.14 (0.45) 
Sewage Sludges: 
Correctionville 0.42 3.08 2.66 (0.09) 
Charles City 1.01 4.19 3.18 (0.25) 
Davenport 0.28 1.24 0.96 (0.26) 
Keokuk 0.17 3.08 2.91 (0.17) 
^ Organic material, equivalent to 50 mg C, was treated with 0.5 ml toluene and 
20 ml acetate buffer (0.05 M, pH 5.5) with or without 2% CMC, and incubated 
at 30°C for 24 h. Reducing sugars were extracted and determined as for soil 
samples (Part I). 
^ Figures in parentheses were obtained for autoclaved organic materials. 
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would wonder if it is possible to determine cellulase activity of soils using 
these organic materials as substrates. Because of high reducing sugar values 
of these organic materials, the author was not able to use these materials as 
substrates for cellulase activity in soils. 
Effect of Toluene 
It is necessary to inhibit microbial growth and assimilation of 
enzymatic reaction products in assay of soil enzyme activity. Toluene has 
been widely used for this purpose. As discussed in Part II, toluene affects the 
intracellular contribution of measured enzyme activities in soils, and its 
usefulness is limited to the assay procedures that involve a short time of 
incubation. Toluene, however, was found to increase the activity of some 
enzymes in soils (Browman and Tabatabai, 1978; Skujins, 1967; Tabatabai 
and Bremner, 1970), but did not have any effect on others, such as 
pyrophosphatase (Dick and Tabatabai, 1978). This is because toluene renders 
microbial cell membranes permeable to substrates and enzyme reaction 
products. The effect of toluene on enzyme activities varies depending on the 
weight of a specific enzyme activity associated with microbial cells. Reducing 
sugar values increased due to toluene treatment in either air-dried or field-
moist soils (Tables 19 and 20). 
Results obtained from air-dried and field-moist soils indicated that 
toluene treatment resulted in greater increase on release of reducing sugars 
I 
I 
Table 19. Effect of toluene on the amount of reducing sugars produced in air-dried soils 
Reducing sugars 
without toluene treatment^ 
Reducing sugars 
with toluene treatment 
Reducing sugars 
due to toluene treatment 
Soil Control CMC added Control CMC added Control CMC added 
____ TYicr CAII 
Pershing 39.2 105.1 97.1 174.8 57.9 (147.7) 69.7(177.8) 
Weller 38.7 127.7 82.8 177.6 44.1 (114.0) 49.9(128.9) 
Grundy 44.5 157.8 132.3 287.7 87.8 (197.3) 129.9(291.9) 
Clarion 92.4 240.4 172.6 330.0 80.2 (86.8) 89.6 (97.0) 
Webster 46.4 162.8 146.3 293.7 99.9 (215.3) 130.9(282.1) 
Nicollet 48.0 145.4 120.6 253.0 72.6 (151.3) 107.6(224.2) 
Canisteo 46.7 114.6 148.6 259.0 101.9 (218.2) 144.4(309.2) 
Harps 44.6 127.9 201.9 299.2 157.3 (352.7) 171.3(384.1) 
^ A 5-g of air-dried soil sample in a 50-ml Erlenmeyer flask was treated with or without 0.5 ml of toluene, and 
with 20 ml of acetate bvifFer (0.05 M, pH 5.5) containing 2% of caboxymethyl cellulose (CMC) or not, mixed, 
and incubated at 30°C for 24 h. The soil-buffer mixture was transferred into a 50-ml plastic centrifuge tube 
and centrifuged for 3 times at 17,390 g for 10 min. A portion (10 ml) of the supernatant was treated with 
K-saturated cation-exchange resin (2 g). An aliquot (1 ml) was analyzed for reducing sugars by the Somogyi-
Nelson method (Part I). 
^ Figures in parentheses are percentages of reducing sugar values increased due to toluene treatment. 
Table 20. Eflfect of toluene on the amount of reducing sugars produced in field-moist soils 
Soil 
Reducing sugars 
without toluene treatment^ 
Reducing sugars 
with toluene treatment 
Reducing sugars 
due to toluene treatment^ 
Control CMC added Control CMC added Control CMC added 
Pershing 34.2 119.1 69.9 198.3 35.7 (104.4) 792(66l5) 
Weller 34.4 117.7 46.3 185.9 11.9 (34.6) 68.2(575) 
Grundy 44.3 171.5 82.8 303.1 38.5 (86.9) 131.6(76.7) 
Clarion 41.8 156.1 89.1 286.2 47.3 (113.2) 130.1(83.3) 
Webster 34.4 177.9 70.8 277.9 36.4 (105.8) 100.0(56.2) 
Nicollet 30.0 129.3 50.4 235.5 20.4 (68.0) 1065(82.1) 
Canisteo 34.5 108.6 56.9 212.2 22.4 (64.9) 103.6(95.4) 
Harps 34.6 106.7 70.5 225.3 35.6 (102.9) 118fi(10L8) 
^ A 5-g of field-moist soil sample in a 50-ml Erlenmeyer flask was treated with or without 0.5 ml of toluene, 
and with 20 ml of acetate buffer (0.05 M, pH 5.5) containing 2% of caboxymethyl cellulose (CMC) or not, 
mixed, and incubated at 30^0 for 24 h. The soil-buffer mixture was transferred into a 50-ml plastic 
centrifuge tube and centrifuged for 3 times at 17,390 g for 10 min. A portion (10 ml) of the supernatant was 
treated with K-saturated cation-exchange resin (2 g). An aliquot (1 ml) was analyzed for reducing sugars 
by the Somogyi-Nelson method (Part I). 
^ Figures in parentheses are percentages of reducing sugar values increased due to toluene treatment. 
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in air-dried than field-moist soils (Tables 19 and 20), whereas this treatment 
resulted in greater increase in cellulase acitivity in field-moist than air-dried 
soils (Table 10, Part II). This may be an indication that water film on native 
substrate prevented its hydrolysis so that higher amount of reducing sugars 
are released from air-dried soils relative to field-moist soils with toluene 
treatment. 
It is known that water-soluble proteins fold into compact structure with 
nonpolar cores. The interior consists almost entirely of nonpolar residues 
such as leucine, valine, methionine, and phenylalanine. The hydrophobic 
groups are thermodynamically more stable when clustered in the interior of 
the molecule than when extended into the aqueous surroundings. The 
tertiary structure of enzymes, therefore, is stabilized by the hydrophobic 
groups along with hydrogen bonding. The tertiary structure is very important 
for a enzyme to remain active. Toluene as an organic solvent may affect the 
conformation of an enzyme, and thus deactivate the enzyme partially or 
completely. A study on the effect of toluene on activity of pure cellulase 
revealed that the activity of pure cellulase decreased due to toluene treatment 
when pure cellulose (Sigmacell type 100) and CMC were used as the 
substrates (Table 21). These results support the discussion about that 
toluene may change the conformation of cellulase so that the activity of 
cellulase was affected to some extent, depending on the sources of the enzyme. 
This effect, however, is less likely to occur in soils because enzymes in soils 
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Table 21. Effect of toluene on activity of purified cellulase 
Cellulase activity^ 
Source of Protein 
cellulase^ Activity purity^ Toluene No toluene 
unit mg'^® % — pmol Glucose unit'^ h"^ — 
Asnerffillus nicer 
(C-1184) 0.49 2.5 5.20 (29.1) 5.31 (37.2) 
Asnerefillus nicer 
y-irradiated 
(C-1424) 4.90 46.8 1.32 (3.08) 1.67 (6.4) 
Trichoderma viride 
Crude lyophilized 
powder (C-0898) 0.80 15.6 3.99 (20.3) 4.37 (22.7) 
Trichoderma viride 
Crude powder 
(C-9422) 7.80 71.3 1.44 (7.50) 1.73 (10.0) 
Trichoderma reesei 
Lyophilized powder 
(C-8546) 3.80 90.7 1.32 (22.9) 1.77 (25.8) 
Pénicillium fimiculosum 
(C-0901) 10.00 75.3 1.83 (17.6) 2.00 (23.2) 
^ Figures in parentheses are Sigma Co. catalog numbers. 
^ Cellulase activity was deterimined by using 20 ml acetate buffer (0.05 M, pH 
5.5) containing 1% of Sigmacell type 100 (purified cellulose) as a substrate, 
adding 2 unit of cellulase, and incubating at 30°C for 2 h with or without 
addition of 0.5 ml of toluene. Glucose released during incubation was 
determined by Somogyi-Nelson method (Part I). Figures in parentheses are 
cellulase activity determined by using 2% of carboxymethyl cellulose as a 
substrate. 
^ Unit definition: One unit will liberate 1.0 pmol of glucose firom cellulose in 
1 h at pH 5.0 at 37°C (the incubation period was 2 h). 
^ Determined by the method of Lowry et al. (1951). 
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are complexed with organic matter or clay and thus are protected by these 
large molecules from attack by other substances such as toluene. The results 
also further confirmed that the increased cellulase activity from toluene 
treatment was due to the increased permeability of microbial cell membranes 
as discussed above. 
The activity of cellulase by using CMC as a substrate had been 
determined for the eight soils used in this study (Table 10, Part II). From the 
cellulase activity values of the reference cellulase purified from different 
fungi, the percentages of protein in the purified materials (assuming that all 
the protein in the purified materials is cellulase protein, Table 21), and the 
activity of cellulase in the eight air-dried and field-moist soils studied (Table 
10, calculated in pmol of glucose produced kg'^ soil h"^), the amount of active 
cellulase protein in one kg of each soil was calculated (Tables 22 and 23). 
Results showed that, depending on the cellulase reference protein used, the 
amounts of active cellulase protein ranged from < 15 pg to about 27 mg kg"^ of 
air-dried soil (Table 22), and from < 25 pg to 38 mg kg'^ of field-moist soil 
(Table 23). Surprisingly, the amounts of cellulase protein for all soils using 
one reference protein were about the same. But they varied depending on the 
cellulase reference protein used for calculation of native, active soil cellulase 
protein. The amounts of cellulase active protein in field-moist soils were 
markedly greater than those in air-dried soils, suggesting that air-drying of 
soils denatured a significant proportion of the soil cellulase protein originally 
Table 22. Amount of cellulase protein in air-dried soils calculated from the activities in soils and those of 
reference proteins purified from fungi 
Source of 
cellulase 
protein 
Protein equivalent (mg kg soil) in soil specified 
Pershing Weller Grundy Clarion Webster Nicollet Canisteo Harps 
Aspergillus niger 
Aspergillus niger 
y-irradiated 
Trichoderma viride 
Crude lyophilized powder 
Trichoderma viride 
Crude powder 
Trichoderma reesei 
Lyophilized powder 
Pénicillium funiculosum 
0.008 0.009 0.015 0.015 0.014 0.013 0.011 0.010 
13.4 16.3 26.6 27.0 25.3 22.7 18.9 16.7 
0.111 0.135 0.221 0.224 0.210 0.188 0.157 0.138 
13.4 16.3 26.6 27.0 25.3 22.7 18.9 16.7 
2.71 3.30 5.41 5.48 5.13 4.61 3.84 3.39 
7.66 9.34 15.3 15.5 14.5 13.0 10.9 9.58 
Table 23. Amount of cellulase protein in field-moist soils calculated from the activities in soils and those of 
reference proteins purified firom fungi 
Source of 
cellulase 
protein 
Protein equivalent (mg kg soil) in soil specified 
Pershing Weller Grundy Clarion Webster Nicollet Canisteo Harps 
Aspergillus niger 
Aspergillus niger 
y-irradiated 
Trichoderma viride 
Crude lyophilized powder 
Trichoderma viride 
Crude powder 
Trichoderma reesei 
Lyophilized powder 
Pénicillium fimiculosum 
0.013 0.014 0.022 0.019 0.020 0.018 0.015 0.015 
22.0 23.9 37.8 33.8 35.5 31.7 26.6 26.5 
0.183 0.199 0.313 0.280 0.295 0.263 0.220 0.220 
22.0 23.9 37.8 33.8 35.5 31.7 26.6 26.5 
4.47 4.86 7.67 6.86 7.21 6.44 5.40 5.39 
12.7 13.8 21.7 19.4 20.4 18.2 15.3 15.3 
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present in field-moist soils. Because of the assumption made that all the 
protein present in the reference materials is cellulase protein, the amounts of 
active cellulase protein calculated for each soil are most likely overestimated. 
The effects of incubation time and toluene on the amount of reducing 
sugars produced in soils incubated under waterlogged condition (without 
acetate buffer) are shown in Tables 24 and 25. The amount of reducing 
sugars produced increased with increasing incubation time up to 48 h in the 
presence of toluene. Without toluene treatment, the changes in reducing 
sugar values with different incubation time were not significant in both air-
dried and field-moist soils tested (Tables 24 and 25). This is because toluene 
inhibit assimilation of glucose by microorganisms. Comparing the reducing 
sugar values obtained for 24 h incubation time to those in Table 20 and 21, 
the amount of reducing sugars produced in the presence of toluene was much 
greater in soils incubated with acetate buffer at pH 5.5 than those incubated 
under waterlogged conditions. 
Effect of Trace Elements 
Results showed that, with few exceptions, most of the 25 trace elements 
studied inhibited cellulase activity of the two air-dried and field-moist soils 
studied (Table 26). With most of the elements, higher inhibition was found in 
field-moist than air-dried soils. The effect of trace elements on cellulase 
activity in soils varied considerably among the two soils, and between air-
Table 24. Reducing sugar produced during incubation of waterlogged air-dried soils 
Reducing sugar values obtained at incubation time (h) specified^ 
Soil Toluene 12 24 36 48 
mg glucose kg ' soil 
Pershing + 58.4 75.9 91.6 97.2 
33.8 (24.6) 35.2 (40.7) 32.2 (59.4) 33.1 (64.1) 
Weller + 36.5 44.7 48.6 62.0 
32.2 (4.3) 32.2 (12.5) 32.2 (16.4) 38.5 (23.5) 
Grundy + 82.0 79.1 95.8 101.5 
32.1 (49.9) 44.4 (34.7) 41.5 (54.3) 32.9 (68.6) 
Clarion + 104.8 113.5 133.6 145.0 
38.1 (66.7) 41.7 (71.8) 39.0 (94.6) 32.1 (112.9) 
^ A 5-g of air-dried soil was treated with (or without) toluene, 20-ml of water, and the mixture was incubated 
at 30°C. After incubation, 5 ml of 25 xaM of KCl was added, and the mixture was centrifuged for 3 times at 
17,390 g for 10 min. One ml of the supernatant was used for determination of reducing sugars by Somogyi-
Nelson method (Part I). Figures in parentheses are the amounts of reducing sugars produced due to toluene 
treatment. 
Table 25. Reducing sugar produced during incubation of waterlogged field-moist soil 
Reducing sugar values obtained at incubation time (h) specified^ 
Soil Toluene 12 24 36 48 
mg glucose kg^ soil 
Pershing + 43.8 52.3 50.8 57.5 
32.2 (11.6) 32.2 (20.1) 32.2 (18.6) 32.2 (25.3) 
Weller + 33.6 34.6 46.1 40.7 
32.2 (1.4) 32.2 (2.4) 32.2 (13.9) 32.2 (8.5) 
Grundy + 56.3 71.9 76.3 63.9 
34.8 (21.5) 46.9 (25.0) 38.8 (37.5). 36.8 (27.1) 
Clarion + 60.1 64.7 73.0 81.2 
33.2 (26.9) 38.6 (26.1) 32.1 (40.9) 32.1 (49.1) 
^ A 5-g of field-moist soil was treated with (or without) toluene, 20-ml of water, and the mixture was incubated 
at 30°C. After incubation, 5 ml of 25 vaM of KCl was added, and the mixture was centrifuged for 3 times 
at 17,390 g for 10 min. One ml of the supernatant was used for determination of reducing sugars by Somogyi-
Nelson method (Part I). Figures in parentheses are the amounts of reducing sugars produced due to toluene 
treatment. 
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Table 26. Effect of trace elements on cellulase activity in soils 
Percentage inhibition of cellulase activity 
in soils specified^ 
Trace element 
Grundy Pershing 
Oxidation 
Element state AD FM AD FM Av| 
Ag I 17.9 34.9 39.8 40.3 33 
Cu 10.8 20.8 15.2 29.9 19 
Ba n 1.5 2.8 2.4 6.5 3 
Cd 11.9 16.7 20.0 14.1 16 
Co 0.4 2.5 5.0 6.0 2 
Cu 0 +0.7 0 1.0 0 
Fe 8.2 5.3 7.3 10.1 8 
Hg 12.0 27.6 7.2 21.2 17 
Mg 13.6 11.2 14.5 9.3 12 
Mn 2.1 +0.9 0 1.0 1 
Ni +4.7 2.4 0.5 0.6 0 
Pb 5.2 12.1 14.3 15.6 12 
Sn +0.4 11.6 5.5 7.8 6 
Zn +1.9 5.4 6.3 3.5 3 
A1 III 12.1 18.1 13.5 17.6 15 
As 4.8 13.2 3.8 11.4 8 
B 1.9 23.7 0.2 14.4 10 
Cr 4.6 17.7 9.4 10.8 11 
Fe 8.5 14.5 4.3 13.3 10 
Se IV +3.5 8.2 1.9 1.8 2 
Ti 3.2 7.9 1.9 4.5 4 
V 10.8 16.9 8.4 14.6 13 
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Table 26. (continued) 
Percentage inhibition of cellulase activity 
in soils specified^ 
Trace element 
Grundy Pershing 
Oxidation 
Element state AD FM AD FM Avg. 
As V 6.6 19.8 5.7 17.2 12 
W VI 1.3 17.8 0.9 24.2 11 
Mo 5.1 11.5 11.8 11.4 10 
^ Cellulase activity was assay as described in part II. A 5-g of soil sample was 
treated with 1 ml of 25 roM trace element (5 pmol trace element g"^ soil) for 30 
min before the assay. Two controls were used. One was soil sample without 
CMC added. The other was CMC solution without soil. AD, air-dried soil; FM, 
field-moist soils. 
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dried and field-moist. However, Ag(I), Cu(I), Cd(ID, Hg(II) and Al(III) were 
the most effective inhibitors of cellulase activity (> 15% inhibition at 5 pmol 
g'^ soil). Of the trace elements studied, eight elements, including Cu(II), 
Mn(n), Nidi), Zn(n), Se(IV), and Ti(IV) inhibited cellulase activity in soils by 
less than 5% when added at 5 pmol g'^ soil. The other 12 elements inhibited 
cellulase in soils by 5 to 15%. The average inhibition observed by using 5 
pmol of trace element g'^ soil ranged from 0 with Cu(II) and Ni(II) to 33% 
with Ag(I). Copper (I) was stronger inhibitor than was Cu(II). But Fe(II) and 
As(IV) were slightly less effective than Fe(III) and As(IV). The degree of 
inhibition of soil cellulase activity by most of the trace elements studied is 
much less than that reported for inhibition of urease (Tabatabai, 1977). The 
inhibition of soil cellulase activity by Ag(I), Hg(II), Al(III), and Se(IV) is also 
much less than that reported for inhibition of amidase activity 
(Prankenberger and Tabatabai, 1981b). The inhibition of the activities of acid 
phosphatase, arylsulfatase, and glucosidases and galactosidases by trace 
elements were studied at different concentration levels (2.5 or 25 pmol/g soil) 
(Juma and Tabatabai, 1977; Al-Khafaji and Tabatabai, 1979; Eivazi and 
Tabatabai, 1990). Thus, it is difficulty to compare the degree of inhibition by 
trace elements between cellulase activity and that of any of the other enzymes 
listed above. However, as discussed in the literature review, 13-glucosidase is 
part of the cellulase system. Study by Eivazi and Tabatabai (1990) reported 
that the inhibition of B-glucosidase activity by trace elements was low (2 to 
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32%) even at 25 jmnol/g soils. The most effective inhibitors for 13-glucosidase 
were Hg (II) or Ag(I), depending on the soil type. Results obtained in this 
study support those findings. The order of effectiveness for inhibition varied 
among soil types and was affected by air-drying process. This could be due to 
effect of the chemical and physical properties of the soil, and/or, in part, to 
reaction of portions of the ions added with mineral constituents of the soils 
(Tabatabai, 1977). 
The pH values of the trace element solution varied considerably. They 
ranged from 2.1 for FeClg.GHgO solution to 10.2 for the NaAsOg solution. Test 
indicated, however, that the pH of the soil-buffer (acetate buffer, 0.05 M, pH 
5.5) mixture was not altered by the pH of the trace element solutions. The 
deviation in pH values resulting firom the addition of trace elements in the 
presence of acetate buffer did not exceed ±0.2 pH unit. The inhibition of 
cellulase activity in soils by the presence of the trace elements, therefore, was 
not due to changes in pH of the incubation mixture but was due to the 
reaction of the trace element with cellulase fimctional group. 
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PART IV. EFFECT OF TILLAGE AND RESIDUE MANAGEMENT 
ON ENZYME ACTIVITIES OF SOILS 
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INTRODUCTION 
Recent interest in soil tillage and residue management has been 
focused on low input, sustainable agriculture. This may include addition of 
animal manures, compost, sewage sludges, and various crop residues. Tillage 
practices and management of crop residues are generating increasing interest. 
The conventional tillage practice uses moldboard plow or chisel plow to bury 
plant residues, and additional tillage operations for seedbed preparation and 
weed control. No-till uses limited tillage for seed placement, and weed control 
is accomplished entirely by herbicides. Plowing leads to mixing of surface soil 
layer and the buried crop residues under conventional tillage. Under a no-till 
system, the soil is not plowed and crop residues accumulate on the soil 
surface as a mulch. No-till is preferred by many farmers because it reduces 
soil erosion and water evaporation, and increases water filtration and soil 
organic matter levels, and, therefore, the storage of soil water (Doran, 
1980a,b; Tracy et al., 1990). The different soil disturbance and residue 
placement lead to significant changes in soil physical and chemical properties, 
especially pH and organic matter content. Such land treatments may lead to 
significant changes in the composition, distribution, and activities of soil 
microbial community and enzymes. As a consequences, land treatments affect 
nutrients cycling, fertility, and other chemical, microbiological, and 
biochemical processes in soils. 
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Extensive work has been done in assessing the efifect of tillage and 
residue management practices on soil C and nutrient cycling (Havlin et al., 
1990; Tracy et al., 1990). Studies showed accumulation of organic C and N at 
the surface soils (0-2.5 cm) under a reduced tillage involving crop residue 
placement (Havlin et al., 1990). Greater accumulation of inorganic nutrients, 
NOg-N, SO4-S, and PO4-P, at the surface soils (0-2.5 cm) were also observed in 
no-till soils with residue placement (Tracy et al., 1990). Tillage and residue 
management, therefore, may increase nutrients accumulation in both the 
organic and inorganic pools. The pathway and processes involving soil 
organic matter and nutrient cycling, however, are still unknown (Tracy et al., 
1990). 
Several researchers investigated soil microbial and biochemical changes 
associated with tillage and residue management (Beare et al., 1993; Broder 
and Wagner, 1988; Dick, 1984; Doran, 1980). Beare et al. (1993) reported 
that densities of fungal hyphae were strongly affected by tillage practices, 
with higher fungal density in conventional tillage than that in no-till. They 
also showed that the residue decay rates were 3.4 times faster in conventional 
tillage than that in no-till, although fungal hyphae were more abundant in no-
till than that in conventional tilled soils. Microorganisms are the major 
source of soil enzymes. The difference in microbial dynamics, due to 
management practices, may also be reflected in the differences in enzymes 
activities of soils. Although it has been demonstrated that adoption of long-
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term cropping systems may affect several soil properties, limited information 
is available about the effect of tillage and residue management on enzyme 
activities of soils (Dick, 1984; Dick et al., 1988). A study by Dick (1984) 
indicated that the activities of acid phosphatase, alkaline phosphatase, 
arylsulfatase, invertase, amidase, and urease in the 0 to 7.5 cm profile were 
significantly greater in soils from no-till plots as compared with those from 
conventional tillage plots. Comparison of these results and those reported by 
Beare et al. (1993) suggests that higher density of fungal hyphae does not 
necessary mean higher activities of enzymes; the relationships vary with the 
type of enzyme and soil, and the environmental and experimental conditions. 
Further research is needed in this area. Such information is important 
because enzyme activities could possibly be used as indexes of nutrient 
potential and microbial growth in soils. Thus, this information can be used 
for better strategies in manipulating the tillage and residue management for 
improving soil fertility and productivity. Therefore, the objective of this work 
was to study the effect of tillage and residue management on the activities of 
14 enzymes in soils. These enzymes are involved in C, N, P, and S cycling in 
soils. 
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MATERIALS AND METHODS 
Unless otherwise specified, the soils used in this work were surface 
samples (0-15 cm) obtained from the Lancaster Experiment Station in 
Wisconsin. The soil, Palsgrove silt loam (fine-silty, mixed, mesic Typic 
Hapludalfs), contains 17% clay and 6% sand. The experiments were initiated 
in 1981. The tillage systems studied were moldboard plow. Chisel plow, and 
no-till. Crop residue treatments were as follows: 
Bare = Crop residue removed before planting (no prior tillage). 
Normal = No removal or addition of crop residue. 
Mulch = Crop residue added after primary tillage. 
Double Mulch = Crop residue addition to achieve 2x normal level of 
crop residue. 
For convenience, the following abbreviations will be used in plotting the 
results: 
NTB = no-till / bare 
NTN = no-till / normal 
NT2M = no-till / double mulch 
CPN = chisel plow /normal 
CPM = chisel plow / mulch 
MEN = moldboard plow / normal 
MBM = moldboard plow / mulch 
Table 27. Effect of tillage and residue management on soil pH^ 
Rep I Rep II Rep III Rep IV LSD p < 0.05 
Treatments water CaClg water CaClg water CaClg water CaClg water CaCL 
No Till / Bare 7,2 6.3 7.1 6.4 6.5 5.8 5,1 4.3 0.03 0.05 
No Till / Normal 6.9 6.2 7.2 6.5 6.6 5.8 5,0 4.2 0.07 0.02 
No Till / 2x Mulch 6.8 6.1 7.0 6,3 6,4 5,6 5,1 4.2 0.10 0.04 
Chisel / Normal 7.1 6.4 7.1 6,5 7,0 6,3 4.9 4.2 0.02 0.03 
Chisel / Mulch 7,1 6.5 7.1 6.5 7.1 6,5 5.2 4.3 0.02 0.06 
Moldboard Plow / 
Normal 
6,9 6.2 6.9 6.2 7.0 6,2 4.9 4.1 0.02 0.05 
Moldboard Plow / 
Mulch 
6.7 6.1 7.0 6.4 7.0 6,5 6.0 5.0 0.06 0.11 
LSD p < 0,05 0.04 0.03 0.06 0.03 0.03 0,03 0.03 0.02 
Depth of No Till / 2x Mulch 
0-5  cm 6.9 6.4 6.8 6.3 6.4 5,8 5.3 4.5 0.04 0.04 
5-10 cm 6.9 6.3 6.9 6.3 6.4 5,7 5.1 4.2 0.06 0.05 
10 - 15 cm 7.1 6.2 7.1 . 6.4 6.5 5,9 5.4 4.6 0.04 0.07 
LSD p < 0,05 0.07 0.01 0.04 0.08 0.11 0,01 0.10 0.02 
^ soil:water=l:2.5 or soil:CaCl2(0.01M)=l:2.5 
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The residues in all cases were com stalks. The area had been in 
continuous com since 1971 (at least 10 years before the study) and was 
maintained in continuous com during the study. The design and location of 
this experiment was described in detail by Swan et al. (1987a,b). The soil 
samples were taken from four replicated plots in May, 1991 (10 years after 
the crop residue treatments were initiated). Soil samples were also taken 
based on the soil depth, 0-5, 5-10, and 10-15 cm. 
A subsample of each soil sample was air-dried and ground to pass a 2-
mm sieve. The pH values of these soil samples (Table 27) were measured on 
< 2-mm soil by using a glass-combination electrode in both water and 0.01 M 
CaClg solutions (soilrsolution ratio, 1:2.5). The organic C of the soil samples 
(Table 28) was determined by the Mebius (1960) method on < 80-mesh (177 
pm) samples. The methods used for enzyme assay are summarized in Table 
29. Assay of cellulase activity was performed as described in Part II. 
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Table 28. Effect of tillage and residue management on soil organic C 
Treatments Rep I Rep 11 Rep III Rep IV LSD p < 0.05 
% organic C 
No Till / Bare 1.29 1.03 1.12 1.07 0.06 
No Till / Normal 1.57 1.42 1.36 1.16 0.05 
No Till / 2x Mulch 1.91 2.07 1.72 1.45 0.03 
Chisel / Normal 1.60 1.37 1.42 1.13 0.03 
Chisel / Mulch 1.45 1.41 1.48 1.11 0.07 
Moldboard Plow 1.21 1.09 1.07 1.02 0.04 
/ Normal 
Moldboard Plow 1.49 1.17 1.44 1.49 0.07 
/ Mulch 
LSD p < 0.05 0.03 0.03 0.04 0.03 
Depth of No Till / 2x Mulch 
0 - 5 cm 2.68 3.01 2.98 2.74 0.07 
5-10 cm 1.91 1.29 1.03 1.06 0.02 
10 - 15 cm 1.43 1.00 0.95 1.07 0.02 
LSD p < 0.05 0.09 0.09 0.08 0.05 
Table 29. Methods used for assay of enzyme activities in soils 
Class/EC Recommended Reaction 
number name 
3.1.3.1 
3.1.3.2 
3.1.4.1 
3.1.6.1 
Alkaline 
phosphatase 
Acid 
phosphatase 
Phospho­
diesterase 
Arylsulfatase 
An orthophosphoric mono-
ester + HgO -> an alcohol + 
orthophosphate 
An orthophosphoric mono-
ester + HjO -> an alcohol + 
orthophosphate 
An orthophosphoric diester 
+ HgO an orthophosphoric 
monoester + alcohol or 
phenol or nucleoside 
A phenol sulfate + H^O -> 
a phenol and sulfate 
Substrate Reference 
E-Nitrophenyl 
phosphate 
2-Nitrophenyl 
phosphate 
bisCfi-Nitrophenyl) 
phosphate 
Eivazi and 
Tabatabai (1977) 
Tabatabai eind 
Bremner (1969) 
Browman and 
Tabatabai (1978) 
E-Nitrophenyl 
sulfate 
Tabatabai and 
Bremner (1970) 
Table 29. (continued) 
Class/EC Recommended Reaction 
number name 
3.2.1.20 a-Glucosidase 
3.2.1.21 P-Glucosidase 
3.2.1.22 a-Galactosidase 
3.2.1.23 P'Galactosidase 
Hydrolysis of terminal 
non-reducing a-D-glucose 
residues with release of 
a-D-glucose 
Hydrolysis of terminal 
non-reducing P-D-glucose 
residues with release of 
P-D-glucose 
Hydrolysis of terminal 
non-reducing a-D-galactose 
residues with release of 
galatopyranoside 
Hydrolysis of terminal 
non-reducing P-D-galactose 
residues with release of 
P-D-galactose 
Substrate Reference 
2-Nitrophenyl-a-D-
glucopyranoside 
E-Nitrophenyl-P-D-
glucopyranoside 
2-Nitrophenyl-a-D-
galactopyranoside 
E-Nitrophenyl-P-D-
galactopyranoside 
Eivazi and 
Tabatabai(1988) 
Eivazi and 
Tabatabai(1988) 
Eivazi and 
Tabatabai(1988) 
Eivazi and 
Tabatabai(1988) 
Table 29. (continued) 
Class/EC Recommended Reaction Substrate Reference 
number name 
3.5.1.1 L-Asparaginase L-Asparagine + HgO -> 
L-aspartate + NHg 
L-Asparagine Frankenberger 
and Tabatabai 
(1991a) 
3.5.1.2 L-Glutaminase L-Glutamine + HgO 
L-glutamate + NH3 
L-Glutamine Frankenberger 
and Tabatabai 
(1991) 
3.5.1.4 Amidase A monocarboxylic acid amide Formamide 
+ HgO a monocarboxylic 
acid + NH3 
Frankenberger 
and Tabatabai 
(1980) 
3.5.1.5 Urease Urea + HoO -> CO, +2NH, Urea Tabatabai and 
Brenmer (1972) 
3.6.1.1 Inorganic Pyrophosphate + HgO 
pyrophosphatase 2 orthophosphate 
Sodium Pyrophosphate Dick and 
Tabatabai (1978) 
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RESULTS AND DISCUSSION 
The pH values and organic C contents of the 40 soil samples obtained 
from all of the treatments and replicated plots, including three tillage 
systems, four residue placements, and three soil depth increments from no-
till/2x mulch are reported in Tables 27 and 28. The pH values varied slightly 
due to the tillage and residue management treatments. For example, the pH 
values ranged from 6.8 to 7.2 in water and 6.1 to 6.4 in 0.1 M CaClj for 
replicate I. The variation in pH values was much greater among the different 
replicated plots. Soil samples from replicate IV showed significantly lower pH 
values than those of the soil samples from the other three replicated plots. 
The organic C content was affected significantly by the different tillage and 
residue management practices. The highest organic C content was obtained 
with no-till/2x mulch, and the lowest was with no-till/bare and 
moldboard/normal. Studies by Dick (1984) suggested that the effect of tillage 
and rotation on soil enzyme activities were strongly correlated with organic C 
content. 
The pH values of soils sampled based on depth from replicate I and II 
were similar (ça. 6.4 in CaClj, Table 27 and Figure 18). The pH values of the 
corresponding soil samples from replicate III were slightly lower (ça. 5.8 in 
CaClg, Table 27 and Figure 18). Significantly lower pH values (ça. 4.4 in 
CaClg) were observed in these soil samples from replicate IV. The soil pH 
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values were similar in different soil depth increments within each replicated 
plot (Figure 18). 
The organic C contents of surface (0 to 5 cm) soil samples were 
significantly higher than those of subsurface soil samples (5-10 and 10-15 cm, 
Figure 18). The organic C content decreased significantly with increasing soil 
depth and was the least at depth 5-10 and 10-15 cm in replicates III and IV, 
and at depth 10 to 15 cm in replicate II. This decrease of organic C content 
with increasing soil depth in soil samples from replicate I, however, was much 
less dramatic. Although a slightly lower or similar organic C contents were 
found in soil samples from 0 to 5 cm in replicate I in comparison with those in 
the other replicates, significantly higher organic C contents were found in soil 
samples from 5 to 10 and 10 to 15 cm in replicate I than those in the other 
three replicates. 
The variations among the difierent replicated plots were presumably 
due to the location of the specific plot. Replicate I is located near the gravel 
road, and replicate IV is far away from the road and replicates II and III are 
located in between. Thus, dust from the gravel road could easily reach 
replicates I and II, as well as replicate III, but may not reach replicate TV. 
The variation of pH values in soil samples from different plots was primarily 
due to the effect of dust. To better reveal the effect of tillage and residue 
management on enzyme activities in soils, the data obtained from replicate IV 
were omitted in the statistical analysis and plotting of the bar graphs. 
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Glycosidases 
The general name glycosidases or glycoside hydrolases has been used to 
describe a group of enzymes that catalyze the hydrolysis of different 
glycosides. The equation of the reaction is as follows: 
Glycosides + HgO > Sugar + Aglycons. 
The terms glycoside and glucoside have been used interchangeably. 
Glycosidases usually have been named according to the types of bond that 
they hydrolyze. Among the glycosidases, a-glucosidase (obsolete name 
maltase, EC 3.2.1.20), which catalyzes the hydrolysis of a-D-glucopyranosides 
and J3-glucosidase (obsolete name gentiobiase or cellobiase, EC 3.2.1.21), 
which catalyzes the hydrolysis of J3-D-glucopyranosides, are involved in 
hydrolysis of maltose and cellobiose, respectively. a-Galactosidase (obsolete 
name melibiase, EC 3.2.1.2) and B-galactosidase (obsolete name lactase, EC 
3.2.1.23) catalyze the hydrolysis of melibiose and lactose, respectively. Other 
important glycosidases are cellulases (EC 3.2.1), which hydrolyze various 
forms of cellulose. 
Glycosidases are a group of enzymes involved in C cycle in soils. All of 
these enzymes were significantly (p < 0.001) correlated with soil organic C 
content, with correlation coefficients (r) for linear regressions ranging from 
78*** to 0.92*** (Figures 19 and 20). The significant correlations between soil 
organic C and the activities of glycosidases tested were expected because 
these five enzymes are involved in C cycle and are closely related to 
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transformation, composition, and cycling of soil organic matter. Dick (1984) 
reported strong linear correlations between activities of acid phosphatase, 
alkaline phosphatase, arylsulfatase, invertase, amidase, and urease and 
organic C contents in soils under different tillage and rotation systems. 
The effects of tillage and plant residue management on activities of 
these enzymes obtained from three tillage systems and four plant residue 
management practices on three different replicated plots (replicate I, II, and 
III) are shown in Figures 21 and 22. There were wide variations in the 
results obtained for the four replicates. The trend indicated that activities of 
these enzyme were significantly greater in no-till/double mulch than those in 
other tillage and residue management practices investigated (Figures 21 and 
22). This is because no-tiU, generally, promotes better soil water infiltration, 
increase soil water-holding capacity, and reduce evaporation losses compared 
with tilled systems. Double mulch applied on the soil surface fiirther reduces 
evaporation losses and enhances soil water-holding capacity. Magon and 
Lynch (1985) showed that the growth of cellulolytic fungi increased with 
increasing water content. Thus, increased activity of cellulase is expected 
under low soil water potential. Double mulch increased the supply of the 
readily available substrates, such as carbohydrates, for microorganisms as 
well as soil enzymes. As a results, increased activities of glycosidases were 
expected because these enzymes play a major role in degradation of 
carbohydrates in soils and the hydrolysis products of these enzymes are 
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Figure 22. Effect of tillage and residue management on the activities (averages of three replicated 
plots) of a-glucosidase, 13-glucosidase, a-galactosidase, and B-galactosidase in soils. 
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believed to be important energy sources for soil microorganisms. 
Enzyme activities usually decrease with increasing soil depth, and this 
decrease is accompanied by a decrease in organic matter content (Kuprevich 
and Shcherbakora, 1967). Plotting these enzyme activities against soil depth 
increments from 0 to 5, 5 to 10, and 10 to 15 cm showed that the activities of 
these enzymes decreased significantly with increasing soil depth (Figures 23 
and 24). Cellulase activity decreased dramatically with increasing soil depth 
and reached the residual enzyme activity in soils at 5 to 10 cm in three of the 
four replicates. The cellulase activity of the soil samples obtained from 
replicate I showed a less dramatic decrease. Similar trends were shown for 
activities of the other four glycosidases studied. The activities of all the 
glycosidases tested decreased less dramatically with increasing depth in soil 
samples obtained from replicate I. As shown in Table 27, the pH values of 
replicates I and II were similar, whereas those of replicate III, especially 
replicate IV, were lower than those of replicates I and II. The different 
enzyme activities detected in soil samples from different replicated plots could 
be attributed to the differences in pH of these soil samples. Correlation 
coefficients between pH values in the 28 surface soil samples and the 
activities of glycosidases indicated that four of these enzyme activities were 
significantly correlated to soil pH values, except cellulase (r = 0.27). The r 
values for the other four enzymes ranged from 0.40* to 0.64*** (Table 45, 
Appendix). 
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Figure 23. Distribution of cellulase activity with soil depth 
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Figure 24. Distributions of activities of a-glucosidase, B-glucosidase, 
a-galactosidase, and J3-galactosidase with soil depth 
(0 to 15 cm) 
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Amidohydrolases 
The activities of urease, amidase, L-asparaginase, and L-glutaminase 
were assayed in this study. This group of enzymes is involved in N cycling in 
soils. These enzymes act on C-N bonds other than peptide bonds in linear 
amides, and accompanied by releasing of NHg. 
These enzymes are widely distributed in nature. They have been 
detected in animals, microorganisms, and plants (Bray et al., 1949; Hynes, 
1975; Frankenberger and Tabatabai, 1980). The four amidohydrolases 
studied were significantly correlated with soil organic C content with r values 
ranging firom 0.70*** to 0.90*** (Figure 25). Similar relationships have been 
found by Frankenberger and Tabatabai (1981), who reported a r value of 
0.74*** between amidase and organic C in 21 Iowa surface soils they studied. 
They also showed significant correlations between amidase activity and total 
N, or the percentage of clay in soils. The close relationships between enzyme 
activities and organic C contents, total N, and percentage of clay content 
indicating enzymes in soils are probably incorporated into a three-dimensional 
network of clay and humus complexes as proposed by McLaren (1975). 
The effect of soil tillage and residue management on the activities of 
the four amidohydrolases is shown in Figure 26. Again, the variation was 
wide. The trend, however, indicated that the activities of amidohydrolases 
were generally greater in no-till/double mulch, chisel plow/mulch, and mold-
board plow/mulch than the other treatments studied. Urease activity was 
Figure 25. Relationships between activity of amidase, L-asparaginase, L-glutaminase, or urease 
and organic C in soils 
600 
500 
400 
300 
200 
100 
0 
1250 
1000 
750 
500 
250 
0 
Amidase 
- Y = 33.7 + 95.1 X 
*** 
r = 0.90 
o 
- L—Glutazninase 
Y = -79.0 + 308.4 X 
r = 0.70 
0
 
^ 1 1 1 
200 
150 
100 
50 
0 
500 
400 
300 
200 
100 
0 
L—Asparaginase 
Y = -28.1 + 49.0 X 
*** 
r = 0.80 o 
o
\p 
1 
o 
Urease 
Y = -58.7 + 108.0 X 
••• 
r = 0.80 
-
o o 
O 
o 0/ 
/0 
1 
o 
1 1 
4 0 
Organic C (%) 
Figure 26. Effect of tillage and residue management on the activities (average of three replicated 
plots) of amidase, L-asparaginase, L-glutaminase, and urease in soils. Different letters 
indicate significantly different means at p < 0.05 according to LSD test 
250 
200 
^ 150 
i 
CM 100 
U 
M 50 
^ 750 
g 600 
fi 3 450 
300 
150 
0 
L—Glutaminase 
NTB NTNNT2MCPN CPM MPN MPM 
80 
60 
40 
20 
0 
200 
150 
100 
50 
0 
171 
significantly greater in no-till/double mulch than that in other tillage and 
residue management practices. Mulching increased amidohydrolase activities, 
suggesting that these enzymes are probably derived mainly from 
microorganisms because studies by Doran (1980a) has shown that population 
of bacteria, actinomycetes, and fungi increased 2- to 6-fold as a result of 
mulching. In addition, Tabatabai and Frankenberger (1980) have indicated 
that amidase and urease in soils are believed to be microbial in origin, and 
possibly involving the same group of microorganisms. 
The activities of amidohydrolases were lowest in no-till bare among the 
treatments studied, indicating the importance of mulching in increasing 
activities of these enzymes. The effect of mulching on enzyme activity is more 
significant than the effect of tillage management. Among normal placement 
of plant residue, the enzyme activities of no-till and chisel plow were 
comparable, whereas that of mold-board plow were lower than the other 
treatments studied. Tillage and residue management practices have been 
found to affect water-holding capacity and contents of organic C, N, S, and P 
in soil (Doran, 1980b; Tracy et al., 1990). Soils under no-till have 
significantly higher contents of water, N, P, and S than soils under 
conventional tillage. 
The activities of the four amidohydrolases decreased with increasing 
soil depth (Figure 27). The patterns shown for activities of amidohydrolases 
in 0-5, 5-10, and 10-15 cm soils were somewhat different fi'om those of 
Figure 27. Distributions of activities of amidase, L-asparaginase, L-
glutaminase, and urease with soil depth (0 to 15 cm) 
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glycosidases (Figures 23 and 24). Amidohydrolase activities did not reach the 
residual enzyme activities in 5 to 10 cm depth in replicates I, II, and III. The 
difference in distribution patterns of the activities of amidohydrolases in 0-15 
cm soil samples as compared with those of glycosidases could be due to 
differences in the origin of these enzymes as discussed before; amidase and 
urease are believe to be microbial in origin. Possibly, it is also true for L-
asparaginase and L-glutaminase. Even if both groups of enzymes are 
microbial in origin, they could be derived from different groups of 
microorganisms. 
The difference in patterns of the activities of amidohydrolases among 
the soils of the four replicates could be attributed to different soil pH and 
organic C distribution over the soil profiles as shown in Figure 18. The 
significantly lower pH of soils of replicate IV led to significantly lower enzyme 
activities as compared with the soils of the other three replicates. Linear 
regression analyses of enzyme activities on pH values of the 28 surface soils 
of the four replicated plots showed significant correlations for L-asparaginase, 
L-glutaminase, and urease with r values of 0.74"*, 0.77"*, and 0.72***, 
respectively, whereas this correlation was not significant for amidase 
(r = 0.24, Table 45, Appendix). This difference is the results of the differences 
in the distribution patterns of the enzyme activities with depth. There was 
less variation in amidase activity among the four replicates, whereas there 
was a wide variation in activities of the other three amidohydrolases studied. 
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Phosphatases 
Phosphatase is a broad group of enzymes that catalyze the hydrolysis of 
both esters and anhydrides of H3PO4 (Tabatabai, 1982). Acid phosphatase 
and alkaline phosphatase are phosphoric monoester hydrolases (EC 3.1.3), 
whereas phosphodiesterase is phosphoric diester hydrolase (EC 3.1.4). All of 
these three enzymes act on ester bonds. Inorganic pyrophosphatase (EC 
3.6.1) belong to a different group of enzymes which act on acid anhydride 
bonds in phosphoryl-containing anhydrides. 
Significant correlations were found between phosphatase activities and 
soil organic C content in the forty soil samples tested (Figure 28). The 
activity of acid phosphatase was highly correlated with soil organic C content 
with an r value of 0.92*'*. The correlation coefficients for linear regressions 
between alkaline phosphatase, phosphodiesterase, or inorganic 
pyrophosphatase and soil organic C content were also high, with r values of 
0.75***, 0.71***, and 0.84***, respectively. As discussed before, the high 
correlation between enzyme activities and soil organic C content support the 
concept proposed by McLaren (1975), who indicated that enzymes present in 
soils as complexes with humus and clay particles. 
Tillage management and crop residue placement did affect phosphatase 
activity (Figure 29). The effect of mulching was significant in all of the 
treatments for glycosidases and amidohydrolases (Figures 21, 22 and 26). For 
phosphatase, effect of mulching, however, was less significant, except for 
Figure 28. Relationships between activity of acid phosphatase, alkaline phosphatase, 
phosphodiesterase, or inorganic pyrophosphatase and organic C in soils. Activities of 
acid phosphatase, alkaline phosphatase, and phosphodiesterase are expressed as mg p-
nitrophenol kg^ soil h'\ and inorganic pyrophosphatase as mg PO^^-P kg'^ soil 5 h"^ 
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alkaline phosphatase where mulching increased significantly the activity of 
this enzyme. As it was found in glycosidases and amidohydrolases, the 
activities of enzymes in no-till/double mulch were significantly greater than 
the other treatments. Results showed that alkaline phosphatase activity was 
significantly affected by mulching (Figure 29). 
The enzyme activities of soils firom no-till/bare treatment were 
comparable to those firom mold-board plow/mulch. Similar trend was found in 
phosphodiesterase and inorganic pyrophosphatase in which no-till/double 
mulch showed the highest enzyme activity followed by chisel plow/normal, 
then comparable activities for no-till/normal, chisel plow/mulch and mold-
board plow/ mulch (Figure 29). The lowest enzyme activities were found in 
no-till/bare. These two different trends found for phosphatases might indicate 
different origin, states, and/or persistence of these enzymes in soils. Alkaline 
phosphatase in soil was believed totally derived firom microorganisms because 
it has not been found in higher plants (Juma, 1976; Tabatabai, 1982), The 
activities of both acid and alkaline phosphatases were related closely to soil 
pH. Acid phosphatase is predominant in acid soils while alkaline 
phosphatase is predominant in alkaline soils (Eivazi and Tabatabai, 1977; 
Juma and Tabatabai, 1977 and 1978). Tabatabai (1982) suggested that either 
the rate of synthesis and release of phosphatase by soil microorganisms or the 
stability of phosphatase is related to soil pH. Linear regression of these two 
phosphatases on soil pH, however, indicated that acid phosphatase was not 
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significantly correlated to soil pH (r = 0.20) while alkaline phosphatase was 
highly correlated to soil pH (r = 0.85*") in the soil samples tested (Table 45, 
Appendix). 
Phosphodiesterase and inorganic pyrophosphatase may have somewhat 
different origin. Activity of phosphodiesterase was highly correlated with soil 
pH (r = 0.78***), while the activity of inorganic pyrophosphatase in surface 
soils was not (r = 0.09, Table 45, Appendix). 
The activities of phosphatases in soil surface samples from different 
increments (0-5, 5-10, and 10-15 cm) are shown in Figure 30. As found in 
glycosidases and amidohydrolases, the activities of those enzymes decreased 
more gradually in replicate I and II, except inorganic pyrophosphatase. The 
different activities of phosphatases in soil samples at different increments can 
be attributed to differences in soil pH and organic C content resulting in 
microbial diversity and varied population. 
Arylsulfatase 
Sulfatases (EC 3.1.6) are enzymes that catalyze the hydrolysis of 
organic sulfate ester (R.O.SOg" + HjO = R.OH + + SOg^ ), and they have 
been detected in plants, animals, and microorganisms. Tabatabai and 
Bremner (1970) reported that 50 to 70% of S in Iowa surface soils is in the 
form of sulfate ester (organic S), suggesting that sulfatase may play an 
important role in the processes of S mineralization. 
Figure 30. Distribution of activities of acid phosphatase, alkaline 
phosphatase, phosphodiesterase, and inorganic 
pyrophosphatase with soil depth (0 to 15 cm) 
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Several types of stdfatases have been detected in nature, including 
arylsulfatase, sterol sulfatase, glycosulfatase, and chondrosvJfatase (Florkin, 
1964). Arylsulfatases (EC 3.1.6.1) hydrolyze sulfate esters with an aromatic 
radical (phenolic esters of sulfuric acid) and were originally described as 
phenolsulfatases. They were the first sulfatases detected in nature and they 
have received more attention than the other groups of sulfatases (Tabatabai 
and Bremner, 1970). 
Results showed that arylsulfatase activity was significantly correlated 
with soil organic C content (r = 0.71***, Figure 31). Because the activities of 
all the 14 enzymes investigated in this study were highly correlated with soil 
organic C content, humus complexed enzymes proposed by McLaren must be 
an important portion of soil enzymes. 
The trend for the effect of tillage and residue management on 
arylsulfatase activity was similar to those for the other enzymes tested 
(Figure 32). The highest arylsulfatase activity was found in no-till/double 
mulch, followed by chisel plow/mulch, and moldboard plow/mulch, as found for 
many of the other enzymes, including cellulase, 13-glucosidase, a-galactosidase, 
R-galactosidase, amidase, etc. Mulching definitely increased arylsulfatase 
activity significantly. Among the normal residue management, no-till and 
chisel plow showed comparable arylsulfatase activity, whereas moldboard 
plow resulted in much lower activity than the other treatments. In fact, 
arylsulfatase activity in soils under moldboard plow was similar to that in 
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soils under no-till/bare, and both showed the lowest arylsulfatase activity 
among the treatments studied. 
Arylsulfatase activity of the soil samples at different increments are 
reported in Figure 33. These soil samples were from four replicated plots for 
the study and showed varied pH values and organic C contents as shown in 
Tables 27 and 28, and Figure 18. Results showed that arylsulfatase activity 
decreased markedly with increasing soil depth in each of the four replicated 
plots studied and this decrease was associated with a decrease in organic C 
content. Similar results were reported by Tabatabai and Bremner (1970). 
This trend is also similar to that of all the other 13 enzymes studied. This is 
further evidence that there are strong relationships between organic C 
contents and enzyme activities in soils. The effect of tillage and residue 
management on enzyme activities varied among enzyme activities of soil 
samples from different replicated plots. Arylsulfatase activity in soils from 
replicate III was the highest among the four surface soils, followed by those 
from replicate I and II. Soils of replicate IV showed the lowest arylsulfatase 
activity among the soils of the four replicated plots (Table 44, Appendix). As 
found for most of the other 13 enzymes, activity of arylsulfatase also 
decreased less dramatically in soils of replicates I and II. This was attributed 
to soil pH, microbial population, and other soil and environmental factors. 
Linear correlation between arylsulfatase and surface soil pH values showed a 
significant relationship (r = 0.77'**). The low pH values of soils of replicate IV 
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were probably the major factor contributing to the low arylsulfatase activity 
in these soils. This suppression was either by inhibiting the synthesis or by 
reducing the stability of arylsulfatase. 
Correlations among Enzyme Activities 
The correlation coefficients for linear regressions of the activities of the 
14 enzyme studied in the 40 soil samples from tillage and residue 
management practices are reported in Table 30. The activities of all 14 
enzymes showed significant correlations among each other. One of the 
reasons may be that these enzymes have strong relationships with soil 
organic C contents and there were significant correlations between the 
activity of each of the enzymes and soil organic C (Figures 19, 20, 25, 28 and 
31). These enzymes, however, were correlated at different significance levels. 
Some of these relationships, such as between alkaline phosphatase and 
phosphodiesterase and between urease and phosphodiesterase, were 
significant correlation with r values > 0.90. They are related not only because 
of their relationship with soil organic C but also because they may have the 
same microbial origin, similar stability in the soil environment, or they may 
have strong relationships with soil properties other than organic C content, 
such as clay content. Some of the relationships, such as between cellulase 
and arylsulfatase (r = 0.33*), were linear correlations at lower significance 
levels. 
190 
Table 30. Correlation coefficients for linear regressions between activities of paired enzymes in 4 
Enzyme Cellulase a-Glu^ B-Glu a-Gal 13-Gal APase 
j.t) 
a-Glucosidase 0.38* 
13-Glucosidase 0.71*** 0.41*** 
a-Galactosidase 0.73*** 0.75*** 0.65*** 
B-Galactosidase 0.52*** 0.84*** 0.55*** 0.89*** 
Acid phosphatase 0.70*** 0.68*** 0.61*** 0.88*** 0.81*** 
Alkaline phosphatase 0.35* 0.82*** 0.49*** 0.75*** 0.87*** 0.69*** 
Phosphodiesterase 0.36* 0.85*** 0.42*** 0.75*** 0.89*** 0.65*** 
Arylsulfatase 0.33* 0.74*** 0.46*** 0.72*** 0.84*** 0.71*** 
Amidase 0.66*** 0.67*** 0.61*** 0.84*** 0.84*** 0.87*** 
L-Asparaginase 0.43** 0.76*** 0.53*** 0.77*** 0.88*** 0.75*** 
L-Glutaminase 0.40** 0.66*** 0.48*** 0.69*** 0.84*** 0.65*** 
Urease 0.40** 0.87*** 0.50*** 0.78*** 0.90*** 0.71*** 
Inorganic 
pyrophosphatase 0.61*** 0.66*** 0.52*** 0.77*** 0.69*** 0.81*** 
^ The enzyme abbreviations are as follows: a-Glu = a-Glucosidase, J3-Glu = B-Glucosidase, a-Gal : 
Alkaline phosphatase, PDase = Phosphodiesterase, ASase = Arylsxalfatase, L-Asp = L-Asparagin 
, , , Significant atp < 0.1, < 0.05, and < 0.001, respectively. 

F paired enzymes in 40 soil samples under different tillage and residue management practices 
13-Gal APase AlkPase PDase ASase Amidase L-Asp L-Glu Urease 
0.81 *** 
_*** 0.69 .*** 
*** 
0.65 *** 0.91 *** 
0.84 *** 0.71 0.92 *** 0.89 
.*** 0.87 *** 0.74 *** 0.67 *** 0.72 *** 
*** 0.75 _*** 0.95 _*** 0.86 0.89 _*** 0.81 *** 
.*** 0.65 0.92 *** 0.85 *** 0.89 *** 0.72 0.94 *** 
*** 0.71 0.96 *** 0.92 
*** 
0.88 *** 0.78 0.92 _*** 0.87 _*** 
*** 
0.81 0.53 0.52 *** 0.50 *** 0.78 *** 0.63 0.44*** 0.60*** 
B-Glucosidase, a-Gal = a-Galactosidase, J3-Gal = B-Galactosidase, APase = Acid phosphatase, AlkPase = 
, L-Asp = L-Asparaginase, and L-Glu = L-Glutaminase. 
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Significant correlation (r = 0.73***) between amidase activity and urease 
activity was found by Frankenberger and Tabatabai (1981). Other 
researchers have also found correlations between arylsulfatase activity and 
phosphatase and urease activities (Speir, 1977), invertase and amidase (Ross, 
1975), and protease and arylsulfatase (Ladd and Butler, 1972). The 
significant correlations among the activities of the 14 enzymes also suggest 
that tillage and residue management practices have similar effects on the 
activities of the enzymes involved in C, N, P, and S cycling in soils. 
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SUMMARY AND CONCLUSIONS 
Tillage and residue management practices, including various tillage 
systems and addition of animal manures, composts, sewage sludges, and 
various crop residues, may lead to significant soil microbial and biochemical 
changes, accompanied by a large input of cellulose into soils (about 5 tons of 
com residues incorporated into each acre of soil each year in Iowa, up to 15% 
of organic C in these residues can be cellulose C). 
Cellulose is the most abundant organic compound in the biosphere, 
comprising more than one half of all the organic C. Cellulose in soils is 
mainly derived from plant residues. It is important to understand the 
mechanism of its degradation in soils because it provides readily available C 
for the growth of microorganisms. Understanding the reactions of the 
cellulase system is a key factor leading to a better understanding of the 
mechanisms of cellulose degradation. 
Cellulases are a group of enzymes which degrade cellulose, a 
polysaccharide built of 13-1,4 linked glucose units. The major components of 
this group are endo- 1,4-glucanase (EC 3.2.1.4), exo-l,4-glucanase (EC 3.2.1.91) 
and fi-D-glucosidase (EC 3.2.1.21). The products of cellulose degradation are 
glucose, cellobiose, and other higher molecular weight oligosaccharides. 
Assay of cellulase activity can be performed by determining the end 
products; reducing sugars. The objectives of this dissertation were: (1) to 
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evaluate the methods available for determination of reducing sugars in soils, 
(2) to develop a method for assay of cellulase activity in soils, (3) to assess the 
factors affecting cellulase activity in soils, and (4) to evaluate the effects of 
soil tillage and residue management practices on the activities of 14 enzymes. 
The findings can be summarized as follows: 
1. Among the five colorimetric methods (anthrone-sulfiiric acid, phenol-
sulfuric acid, dinitrosalicylic acid, Somogyi-Nelson, and Prussian blue 
methods) evaluated, the Somogyi-Nelson (molybdenum blue) and the Prussian 
blue methods were the most sensitive and accurate for determination of 
reducing sugars in soils. The Somogyi-Nelson method was the most suitable 
for determination of reducing sugars in soils, provided that the interfering 
substances were removed before analysis. The interfering metals extracted 
from soil were removed by K-saturated cation-exchange resin. The Prussian 
blue method was too sensitive to be useful for determination of reducing 
sugars in soil extracts. In addition, the molybdenum blue color was stable for 
at least 24 h, whereas the Prussian blue color was stable for only 1 h (data 
not shown). The Prussian blue method, however, is a sensitive method for 
determination of low level (< 80 pg glucose g^ soil) reducing sugars in soil 
extracts. The phenol-sulfuric acid, DNS, and anthrone-sulfuric acid methods 
are not as sensitive as the other two methods. In addition, phenol-sulfuric 
acid and anthrone-sulfuric acid methods are also not specific for 
determination of reducing sugars. 
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2. A sensitive and precise colorimetric method was developed for 
determination of reducing sugars in soils. This method involves equilibration 
of a 5-g soil sample with 20 ml of acetate buffer (0.05 M, pH 5.5) for 30 min, 
centrifugation of the soil-buffer mixture three times, 10 min each, and 
determination of reducing sugars by the Somogyi-Nelson method after the soil 
extract was treated with K-saturated cation-exchange resin (to remove heavy 
metals). Centrifugation was used in the place of filtration to avoid any 
adsorption of sugars or color compounds by filter papers during analysis. 
3. Reducing sugar values in soils determined by the proposed method 
increased significantly upon air-drying of field-moist soils or incubation of 
soils with acetate buffer (0.05 M, pH 5.5) at 30°C for 24 h, suggesting 
enzymatic hydrolysis of the native substrates. 
4. A precise method for the assay of cellulase activity in soils was 
developed. This method involves determination of reducing sugars produced 
when a soil sample is incubated with carboxymethyl cellulose (CMC) and 
acetate bxiffer (0.05 M, pH 5.5) at 30°C for 24 h. The optimal pH of cellulase 
activity in soils was at 5.5. Reducing sugars produced firom cellulase activity 
was linear up to 7 days of incubation at 30°C, and increased with increasing 
the amount of soil up to 7 g. The substrate concentration-activity curves of 
cellulase in soils obeyed the Michaelis-Menten equation. In two soils tested, 
the Kn, values ranged firom 9.7 to 21.4 g CMC liter'\ The maximal cellulase 
activity in soils occurred at temperatures ranging firom 50 to 60''C. The E„ 
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values of the reaction in four soils ranged from 21.7 to 28.0 kJ mol'^ 
Denaturation of soil cellulase occurred at 70°C; but 60 to 80% of the activity 
remained after preheating soil samples at lOO^C for 2 h. The coefficients of 
variation of the proposed method for assay of cellulase activity in soils were < 
4.1%. 
5. Air-drying of eight field-moist soil samples caused a marked decrease 
in cellulase activity (average, 45%). Among the organic materials studied, the 
three plant residues, in general, contained the highest amounts of reducing 
sugars, with glucose equivalent ranging from 7 to 22 g kg^; the four animal 
manures contained medium amounts of reducing sugars, with glucose 
equivalent ranging from 1.4 to 6.4 g kg'\ whereas the four sewage sludges 
contained the least amounts of reducing sugars, with glucose equivalent < 1 g 
kg'\ Native cellulase activity in these materials varied widely, and ranged 
from 0.96 g kg'^ for Davenport sewage sludge to 44.14 g kg'^ for hog manure. 
Cellulase activity of these organic materials was 10 to 500 time greater than 
that of soils. 
6. Reducing sugar values increased significantly with toluene treatment 
in both air-dried (87 to 353%) and field-moist (35 to 113%) soils. Cellulase 
activity values also increased with toluene treatment, ranging from 6 to 43 
mg glucose kg'^ soil (average, 24; or 26% of that in nontreated soils) in air-
dried soils, and from 44 to 93 (average, 74; or 77% of that in nontreated soils) 
in field-moist soils. The greater influence of toluene on cellulase activity in 
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field-moist soils than that in air-dried soils suggests that a larger proportion 
of cellulase activity in these soils was associated with the viable microbial 
cells. Activities of purified cellulases from fungi decreased slightly with 
toluene treatment. Possibly, this is because toluene changes the conformation 
of the cellulase protein to some extent. 
7. From the cellulase activity values of the reference cellulase purified 
firom different fungi, the percentages of protein in the purified materials 
(assuming that all the protein in the purified materials is cellulase protein), 
and the activity of cellulase in the eight air-dried and field-moist soils studied, 
the amount of active cellulase protein in one kg of each soil was calculated. 
Depending on the cellulase reference protein used, the amounts of active 
cellulase protein ranged from < 15 pg to about 27 mg kg"^ of air-dried soil, and 
from < 25 pg to 38 mg kg'^ of field-moist soil. Surprisingly, the amounts of 
cellulase protein for all soils using one reference protein were about the same. 
But they varied depending on the cellulase reference protein used for 
calculation of native, active soil cellulase protein. The amounts of cellulase 
active protein in field-moist soils were markedly greater than those in air-
dried soils, suggesting that air-drying of soils denatured a significant 
proportion of the soil cellulase protein originally present in field-moist soils. 
The amounts of active cellulase protein calculated for each soil is most likely 
overestimated because it was assumed that all the protein present in the 
reference materials is cellulase protein. 
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8. Most of the 25 trace elements studied inhibited cellulase activity of 
the two soils tested. Higher inhibition was shown in field-moist than air-
dried soils. Ag(I), Cu(I), Cd(II), Hg(II), and Al(III) were the most effective 
inhibitors of cellulase activity (average inhibition > 15% at 5 pmol g"^ soil). 
The average inhibition of cellulase activity in the soils by using 5 pmole of 
trace element g'^ soil ranged from 0% with Cu(II) and Ni(II) to 33% with 
Ag(I). 
9. The pH values varied slightly due to the tillage and residue 
management treatments. The variation in pH was much more greater among 
the different replicated plots. Soil samples from replicate IV showed 
significantly lower pH values than those of the soil samples from the other 
three repl icated plots .  The highest  percentages of  organic  C were obtained for  
no-till/double mulch plots, and the lowest were for no-till/bare and 
moldboard/normal plots. The activities of the enzymes were the highest in no-
till/double mulch among the tillage and residue management practices 
studied. The activity of cellulase of soils firom no-till/double mulch was 1.5 to 
5.6 times of that of no-till/bare. 
10. The activities of 14 enzymes studied decreased significantly with 
increasing soil depth, accompanied by a decrease in organic C. The 
distribution patterns of the activities of the 14 enzymes were similar in the 
soils tested. Statistical analysis showed, with the exception of the activities of 
cellulase, amidase, acid phosphatase, and inorganic pyrophosphatase, the 
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activities of a-glucosidase, B-glucosidase, a-galactosidase, J3-galactosidase, L-
asparaginase, L-glutaminase, urease, alkaline phosphatase, 
phosphodiesterase, and arylsulfatase were significantly correlated with soil 
pH, with r values ranging firom 0.40* to 0.85*". 
11. Correlation coefficients (r) for linear regressions among the 
activities of the 14 enzymes ranged from 0.33* to 0.96***, suggesting that 
tillage and residue management practices have similar effects on the activities 
of the enzymes involved in C, N, P, and S cycling in soils. The activities of 
the 14 enzymes studied were significantly correlated with soil organic C 
contents, with r values ranging firom 0.70*** to 0.93***, indicating that a large 
proportion of soil enzymes are complexed with soil organic matter. 
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Table 31. Effect of tillage and residue management on cellulase activity in 
soils 
Rep I Rep II RepIII Rep IV LSD 
Treatments p < 0.05 
•••• mcT Iror*^ Qnil JLLlg VJiLlLUoC oUii 
No Till / Bare 114 59 38 78 9.1 
No Till / Normal 134 143 122 93 27.6 
No Till / 2x Mulch 173 283 214 159 130.5 
Chisel / Normal 168 84 118 102 19.5 
Chisel / Mulch 145 206 228 115 70.1 
Moldboard Plow / 79 132 76 97 30.9 
Normal 
Moldboard Plow / 115 148 175 137 21.9 
Mulch 
LSD p < 0.05 4.0 19.8 67.8 13.5 
Depth of No TiU / Mulch 
0 -5  cm 364 352 431 1022 195.0 
5 - 10 cm 159 71 77 61 25.6 
10 -15 cm 101 74 65 65 48.5 
LSD p < 0.05 77.0 68.3 62.8 320.9 
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Table 32. Effect of tillage and residue management on activity of a-glucosidase 
in soils 
Rep I Rep II Rep III Rep IV LSD 
Treatments p < 0.05 
mg p-nitrophenol kg"^ soil 
No Till / Bare 9.2 15.1 8.0 4.6 1.9 
No Till / Normal 13.7 13.4 10.3 5.5 2.1 
No Till / 2x Mulch 14.3 18.8 14.1 9.0 1.9 
Chisel / Normal 14.5 13.0 12.1 8.9 1.2 
Chisel / Mulch 10.2 9.9 10.3 4.4 0.7 
Moldboard Plow / 9.5 10.1 9.6 6.2 0.3 
Normal 
Moldboard Plow / 10.7 8.3 9.2 5.5 2.6 
Mulch 
LSD p < 0.05 1.0 0.4 1.3 1.0 
Depth of No Till / 2x Mulch 
0 - 5 cm 23.1 25.1 19.5 9.2 0 
5 -10  cm 13.2 6.9 3.8 3.0 0 
10 - 15 cm 7.3 3.9 3.9 2.2 0.2 
LSD p < 0.05 0.4 0 0 0 
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Table 33. Effect of tillage and residue management on activity of 
P-glucosidase in soils 
Rep I Rep II Rep III Rep IV LSD 
Treatments p < 0.05 
mg p-nitrophenol kg"^ soil 
No Till / Bare 176 110 126 43 11.0 
No Till / Normal 256 227 175 53 18.6 
No Till / 2x Mulch 299 385 249 122 6.0 
Chisel / Normal 264 243 217 47 6.7 
Chisel / Mulch 256 253 237 107 20.5 
Moldboard Plow / 170 170 131 60 9.8 
Normal 
Moldboard Plow / 221 202 321 161 15.0 
Mulch 
LSD p < 0.05 13.7 4.5 9.2 3.16 
Depth of No Till / 2x Mulch 
0 - 5 cm 487 576 560 266 46.5 
5  -10  cm 357 202 111 60 21.7 
10 - 15 cm 176 113 111 68 0 
LSD p < 0.05 47.6 32.3 25.9 28.7 
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Table 34. Effect of tillage and residue management on activity of 
a-galactosidase in soils 
Rep I Rep II Rep III Rep IV LSD 
Treatments p < 0.05 
mg p-nitrophenol kg*^ soil 
No Till / Bare 15.4 7.9 15.9 7.4 1.3 
No Till / Normal 20.0 19.7 15.5 15.0 1.9 
No Till / 2x Mulch 24.9 28.9 33.0 13.9 1.6 
Chisel / Normal 28.2 19.9 23.5 7.4 0.7 
Chisel / Mulch 30.0 25.2 28.0 14.0 2.1 
Moldboard Plow / 19.7 17.2 17.5 16.0 7.5 
Normal 
Moldboard Plow / 30.9 17.0 27.2 24.9 0.9 
Mulch 
LSD p < 0.05 1.83 0.94 1.13 2.7 
Depth of No Till / 2x Mulch 
0 - 5 cm 49.2 54.2 49.2 49.1 4.4 
5 -10  cm 30.0 13.1 9.8 6.7 2.9 
10 -15 cm 13.4 7.8 7.4 7.8 0.5 
LSD p < 0.05 8.2 6.2 5.0 13.1 
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Table 35. Effect of tillage and residue management on activity of 
(3-galactosidase in soils 
Rep I Rep II Rep III Rep IV LSD 
Treatments p < 0.05 
mg p-nitrophenol kg"^ soil 
No Till / Bare 21.0 13.3 16.8 9.1 4.1 
No Till / Normal 31.5 28.9 20.8 12.9 3.2 
No Till / 2x Mulch 31.4 42.2 35.1 19.1 3.5 
Chisel / Normal 34.2 38.3 24.9 14.7 5.0 
Chisel / Mulch 34.7 34.2 37.2 16.3 2.1 
Moldboard Plow / 21.1 21.5 18.0 12.1 1.2 
Normal 
Moldboard Plow / 34.3 24.2 30.5 32.0 2.6 
Mulch 
LSD p < 0.05 2.5 1.4 1.5 1.4 
Depth of No Till / 2x Mulch 
0 - 5 cm 52.0 59.5 51.9 32.0 5.7 
5 - 10 cm 34.7 23.5 14.2 10.6 0.8 
10 - 15 cm 19.3 15.2 9.8 12.5 1.5 
LSD p < 0.05 0.9 10.8 0 6.2 
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Table 36. Effect of tillage and residue management on activity of amidase 
in soils 
Rep I Rep II Rep III Rep IV LSD 
Treatments p < 0.05 
mg NH/-N kg'^ soil 
No Till / Bare 135 110 115 100 23.8 
No Till / Normal 191 172 133 144 18.4 
No Till / 2x Mulch 189 233 174 182 17.5 
Chisel / Normal 186 185 170 120 18.6 
Chisel / Mulch 152 189 209 188 12.0 
Moldboard Plow / 127 139 113 139 14.6 
Normal 
Moldoard Plow / 174 160 193 200 11.1 
Mulch 
LSD p < 0.05 12.1 8.7 10.0 7.9 
Depth of No Till / 2x Mulch 
0 - 5 cm 304 296 363 259 6.5 
5 -10  cm 226 161 180 105 6.7 
10 - 15 cm 130 128 138 168 11.9 
LSD p < 0.05 20.7 5.7 17.5 5.2 
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Table 37. Effect tillage and residue management on activity of L-asparaginase 
in soils 
Rep I Rep II Rep III Rep IV LSD 
Treatments p < 0.05 
mg NH/-N kg'^ soil 
No Till / Bare 28 24 15 5 3.3 
No Till / Normal 49 48 32 . 7 6.9 
No Till / 2x Mulch 56 78 49 15 7.5 
Chisel / Normal 40 42 37 4 4.0 
Chisel / Mulch 63 69 76 14 4.0 
Moldboard Plow / 25 30 20 4 2.4 
Normal 
Moldboard Plow / 47 54 76 25 6.6 
Mulch 
LSD p < 0.05 3.4 1.1 4.6 1.9 
Depth of No Till / 2x Mulch 
0 -5  cm 113 155 120 40 5.5 
5 -10  cm 77 52 40 9 6.9 
10 - 15 cm 50 44 27 19 4.5 
LSD p < 0.05 6.3 5.2 6.6 2.5 
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Table 38. Effect of tillage and residue management on activity of 
Lrglutaminase in soils 
Treatments 
Rep I Rep II Rep III Rep IV LSD 
p < 0.05 
- mg NH/. -N kg"* soil 
No Till / Bare 291 188 159 48 20.7 
No Till / Normal 444 450 244 42 15.9 
No Till / 2x Mulch 527 637 387 126 63.2 
Chisel / Normal 348 395 311 11 7.5 
Chisel / Mulch 479 659 646 84 47.6 
Moldboard Plow / 226 292 189 14 7.9 
Normal 
Moldboard Plow / 537 552 623 251 29.5 
Mulch 
LSD p < 0.05 17.4 21.0 25.3 12.6 
Depth of No Till / 2x Mulch 
0 - 5 cm 827 880 774 403 39.8 
5 -10  cm 700 550 383 70 33.2 
10 - 15 cm 560 417 228 168 15.6 
LSD p < 0.05 33.7 67.6 71.4 38.0 
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Table 39. Effect of tillage and residue management on activity of urease 
in soils 
Rep I Rep II Rep III Rep IV LSD 
Treatments p < 0.05 
mg NH/-N kg"^ soil 
No Till / Bare 92 60 50 22 9.2 
No Till / Normal 147 121 73 26 5.9 
No Till / 2x Mulch 180 224 107 36 7.9 
Chisel / Normal 143 125 98 23 10.2 
Chisel / Mulch 94 129 151 32 9.2 
Moldboard Plow / 80 80 70 22 5.7 
Normal 
Moldboard Plow / 87 75 165 51 5.4 
Mulch 
LSD p < 0.05 7.0 4.2 3.5 1.6 
Depth of No Till / 2x Mulch 
0 - 5 cm 314 301 213 81 23.7 
5 -10  cm 184 115 57 11 7.6 
10 - 15 cm 77 69 42 29 5.5 
LSD p < 0.05 38.0 29.1 17.9 9.0 
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Table 40. Effect of tillage and residue management on activity of acid 
phosphatase in soils 
Rep I Rep II Rep III Rep IV LSD 
Treatments p < 0.05 
mg p-nitrophenol kg'^ soil 
No Till / Bare 187 167 243 184 7.5 
No Till / Normal 254 220 252 186 3.7 
No Till / 2x Mulch 279 314 363 213 6.6 
Chisel / Normal 254 212 235 198 10.0 
Chisel / Mulch 260 256 219 224 16.9 
Moldboard Plow / 204 202 190 181 0 
Normal 
Moldboard Plow / 251 215 257 328 12.1 
Mulch 
LSD p < 0.05 5.4 6.5 3.1 6.8 
Depth of No Till / 2x Mulch 
0 - 5 cm 421 479 568 443 3.9 
5 -10  cm 310 343 177 135 15.2 
10 - 15 cm 191 161 174 173 6.6 
LSD p < 0.05 15.2 20.2 12.9 20.2 
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Table 41. Effect of tillage and residue management on activity of alkaline 
phosphatase in soils 
Rep I Rep II Rep HI Rep IV LSD 
Treatments p < 0.05 
mg p-nitrophenol kg'^ soil 
No Till / Bare 141 103 85 12 0 
No Till / Normal 212 202 131 21 8.3 
No Till / 2x Mulch 233 312 155 33 9.3 
Chisel / Normal 224 197 173 14 7.9 
Chisel / Mulch 257 262 241 29 15.2 
Moldboard Plow / 118 115 159 4 2.4 
Normal 
Moldboard Plow / 169 186 297 57 16.1 
Mulch 
LSD p < 0.05 5.3 9.4 4.9 2.1 
Depth of No Till / 2x Mulch 
0 -5  cm 536 501 422 104 36.7 
5 -10  cm 331 211 104 31 4.2 
10 - 15 cm 164 148 117 31 7.2 
LSD p < 0.05 39.9 20.1 40.2 12.8 
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Table 42. Effect of tillage and residue management on activity of inorganic 
pyrophosphatase in soils 
Rep I Rep II Rep III Rep IV LSD 
Treatments p < 0.05 
-- mg PO/--P kg"^ soil -
No Till / Bare 181 181 198 138 13.8 
No Till / Normal 249 281 264 175 14.3 
No Till / 2x Mulch 341 346 349 312 4.6 
Chisel / Normal 336 203 226 305 13.2 
Chisel / Mulch 202 276 203 233 14.3 
Moldboard Plow / 253 216 251 295 6.4 
Normal 
Moldboard Plow / 257 188 198 324 10.5 
Mulch 
LSD p < 0.05 6.8 6.2 5.6 10.2 
Depth of No Till / 2x Mulch 
0 - 5 cm 380 701 580 451 12.4 
5 - 10 cm 245 178 232 116 28.1 
10 - 15 cm 161 141 191 326 38.5 
LSD p < 0.05 51.1 40.0 52.1 46.8 
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Table 43. Effect of tillage and residue management on activity of 
phosphodiesterase in soils 
Rep I Rep II Rep III Rep IV LSD 
Treatments p < 0.05 
mg p-nitrophenol kg'^ soil 
No Till / Bare 50 34 36 12 1.1 
No Till / Normal 65 74 70 11 6.8 
No Till / 2x Mulch 74 102 84 21 2.3 
Chisel / Normal 73 74 91 21 2.7 
Chisel / Mulch 70 81 75 15 9.1 
Moldboard Plow / 43 46 46 21 1.0 
Normal 
Moldboard Plow / 55 52 75 42 7.7 
Mulch 
LSD p < 0.05 3.6 3.3 3.4 1.3 
Depth of No Till / 2x Mulch 
0 -5  cm 125 119 88 47 2.3 
5 -10  cm 80 51 35 9 1.4 
10 - 15 cm 51 40 31 19 1.8 
LSD p < 0.05 4.3 2.4 3.0 3.5 
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Table 44. Effect of tillage and residue management on activity of arylsulfatase 
in soils 
Rep I Rep II Rep III Rep IV LSD 
Treatments p < 0.05 
mg p-nitrophenol kg'^ soil 
No Till / Bare 126 79 113 38 3.4 
No Till / Normal 171 160 120 39 7.3 
No Till / 2x Mulch 188 208 229 59 17.8 
Chisel / Normal 159 152 144 32 3.0 
Chisel / Mulch 156 188 179 45 9.0 
Moldboard Plow / 104 104 140 13 6.2 
Normal 
Moldboard Plow / 146 126 255 92 13.4 
Mulch 
LSD p < 0.05 5.0 3.0 7.8 2.3 
Depth of No Till / 2x Mulch 
0 - 5 cm 255 262 327 99 26.8 
5 -10  cm 219 152 109 52 3.3 
10 - 15 cm 137 112 119 72 4.0 
LSD p < 0.05 10.0 10.0 39.0 8.6 
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Table 45. Correlation coefficients for linear regressions of enzyme activities 
and organic G or pH of soils 
Correlation coefficients 
Enzyme Organic C pH 
C cycling 
Cellulase 
a-Glucosidase 
J3-Glucosidase 
a-Galactosidase 
B-Galactosidase 
0.92 
0.78 
0.89 
0.93 
0.86 
*** 
*** 
I 
*** 
*** 
0.27 
0.64 
0.75 
0.52 
0.40' 
.*** 
*** 
*** 
N cycling 
Amidase 
L-Asparaginase 
L-Glutaminase 
Urease 
0.90 
0.80 
0.70 
0.80 
*** 
I 
*** I 
*** 
*** 
0.24 
0.74 
0.77 
0.72r 
*** 
_*** 
P and S cycling 
Acid phosphatase 
Alkaline phosphatase 
Phosphodiesterase 
Inorganic pyrophosphatase 
Arylsulfatase 
0.92 
0.751 
0.71 
0.84 
0.71 
*** 
j*** 
*** 
*** 
*** 
0.20 
0.85 
0.78 
0.09 
0.77^ 
*** 
*** 
_*** 
a * *** Significant at p < 0.05 and 0.001, respectively. 
